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1  |  INTRODUC TION

Biodiversity studies increasingly use environmental DNA (eDNA)- 
based methods to assess community patterns (Cordier et al., 
2020; Dornelas et al., 2019), to discover rare organisms (Jerde 
et al., 2011), and to detect invasive species (Holman et al., 2019). 

Comparisons between non- molecular and eDNA biodiversity sur-
veys have consistently shown that eDNA surveys are highly sensi-
tive and can detect species accurately at a reduced cost (Blackman 
et al., 2020; Borrell et al., 2017; Deiner et al., 2017). However, rig-
orous optimization and methodological standardization are nec-
essary to correctly interpret data generated from eDNA surveys 
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Abstract
The detection of species using environmental DNA (eDNA) relies on our capacity 
to identify DNA from the sampled environment. Once eDNA is released into the 
environment, the physical degradation of individual eDNA molecules over time directly 
affects our ability to detect species (eDNA decay). Therefore, interpreting eDNA data 
requires an explicit understanding of eDNA decay to accurately infer contemporary 
presence or absence of a given species in the study ecosystem. Most research to date 
on eDNA decay has focused on single- species assays (predominantly quantitative 
PCR), and thus little is known on how eDNA decay affects the interpretation of 
metabarcoding datasets. Here, we used eDNA metabarcoding (targeting a section of 
the eukaryotic cytochrome c oxidase subunit I gene) of water samples from controlled 
tanks to examine eDNA decay in a wide variety of marine metazoan species. After the 
stocked organisms were removed from these tanks, we observed a sharp decrease 
in amplicon sequence variant (ASV) richness within the first 48 hours. Furthermore, 
there was a substantial change in beta diversity between 24 and 48 hours, and after 
48 hours, most stocked species became undetectable. Interestingly, the estimated 
decay rate for each study species, calculated using a linear regression of reads over 
time, differed across organisms, with up to 2– 3- fold difference among species. Our 
results showed that, for marine temperate species, the most substantial change in 
eDNA metabarcoding detectability occurred within the first 48 h, and after that, 
eDNA from several taxa became undetectable. These findings inform the ecological 
interpretation of metabarcoding datasets and provide estimates of eDNA decay 
rate that are valuable for both simulation studies and the design of future ecological 
surveys.
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(Agersnap et al., 2017; Goldberg et al., 2016; Zinger et al., 2019). 
One critical aspect for the interpretation of any eDNA dataset is 
the physical degradation of the DNA molecule in the environment 
(e.g., water or sediment), which is often measured as eDNA decay 
rate (i.e., temporal reduction in the detectable quantity of eDNA 
in a given system) (Barnes & Turner, 2016; Harrison et al., 2019). 
Therefore, understanding eDNA decay is critical to evaluate the 
link between eDNA detection and contemporaneous species 
presence. If eDNA decays quickly, then a false negative detection 
(specifically, not detecting a present organism due to a decay of 
eDNA signal) is possible (Pinfield et al., 2019; Wood et al., 2018). 
Conversely, if eDNA decays slowly, a species may be detected 
after it is no longer present in the environment (for example, the 
detection of an invasive species in sediment eDNA after the spe-
cies has been eradicated). Studies have shown that eDNA remains 
detectable for hours (Seymour et al., 2018) to millennia (Pedersen 
et al., 2016) but the persistence of eDNA largely depends on the 
substrate analyzed, with eDNA from water showing faster decay 
compared to sediment (Sakata et al., 2021). Therefore, under-
standing eDNA decay across different environments is crucial as 
researchers, natural resource agencies, and commercial providers 
expand their use of eDNA surveys around the globe.

To date, most eDNA decay research has focused on the use of 
single- species quantitative PCR (qPCR) assays to explore how de-
tection changes for a given organism in mesocosm experiments 
(Collins et al., 2018). A growing number of these studies have inves-
tigated the effects of various physical, chemical, and biotic factors 
on eDNA decay (Andruszkiewicz Allan et al., 2021; Andruszkiewicz 
et al., 2017; Jo et al., 2019). Cumulatively, these studies demonstrate 
that some variables, such as temperature, can have a strong effect 
on eDNA decay (Andruszkiewicz Allan et al., 2021; Eichmiller et al., 
2016; Jo et al., 2019; Tsuji et al., 2017). Conversely, other factors, 
for example, ultraviolet light, have little effect on eDNA decay in 
laboratory conditions (Andruszkiewicz et al., 2017; Mächler et al., 
2018). As many of these factors vary seasonally, it is unsurprising 
that seasonality has been shown to affect eDNA decay (Collins et al., 
2018). Understanding the cumulative effect of all these factors 
on eDNA decay is important to ensure the correct interpretation 
of the collected data and to avoid false negatives. In most marine 
studies, eDNA becomes undetectable after five days (Collins et al., 
2018). However, in some cases false negative detections begin to 
occur after only 48 hours (Forsström & Vasemägi, 2016; Sassoubre 
et al., 2016), suggesting that eDNA, and therefore species detec-
tion, can be highly heterogeneous in aquatic environments (Shogren 
et al., 2016). Although studies have reported heterogeneity in eDNA 
decay rates among species (Forsström & Vasemägi, 2016; Minamoto 
et al., 2017; Wood et al., 2020), teleost fish are disproportionately 
overrepresented in eDNA decay experiments (Andruszkiewicz 
et al., 2017; Jo et al., 2019; Sassoubre et al., 2016). In contrast, few 
studies have estimated eDNA decay rates in common invertebrate 
species (Andruszkiewicz Allan et al., 2021; Moushomi et al., 2019). 
This evidence reinforces the importance of studying eDNA decay 
rates across multiple species to provide complete inference of the 

relationship between contemporaneous eDNA and species pres-
ence in a given environment.

An unexplored question is to what extent the results of the 
above single- species studies (qPCR- based) also apply to metabar-
coding experiments. Some work has directly compared the sen-
sitivity of qPCR and metabarcoding using non- specific primers 
(Blackman et al., 2020; Bylemans et al., 2019; Harper et al., 2018; 
Simmons et al., 2016; Wood et al., 2019). In all these studies, the 
qPCR assays were shown to be more sensitive for the detection of 
the study species. Notably, the primers used in most metabarcoding 
experiments (Deiner et al., 2017) are designed to amplify maximum 
species diversity rather than a specific organism with high efficiency 
[for example, see design of Leray et al. (2013)]. Therefore, previous 
comparisons between qPCR and metabarcoding demonstrate key 
differences in primer design rather than the inherent sensitivity of 
different methods for eDNA detection (that is, qPCR versus high- 
throughput sequencing). To date, only a single study has examined 
eDNA decay using 12S metabarcoding (Andruszkiewicz et al., 2017), 
and no work has yet explored eDNA decay of the commonly used 
“DNA barcode” section of the cytochrome c oxidase subunit I (COI) 
gene, which detects a broad range of metazoan diversity.

Here we investigated eDNA decay using COI metabarcoding of 
seawater samples from experimental tanks initially stocked with an 
ecologically representative marine community. We first explored the 
effects of time on the total number of species detected at each sam-
pling occasion (alpha diversity) and then analyzed the compositional 
dissimilarity between time points (beta diversity). We subsequently 
tested for differences in estimated eDNA decay rate constants for 
eight representative species individually, examining the fit of log- 
linear and non- linear models for estimating eDNA decay functions.

2  |  MATERIAL S AND METHODS

2.1  |  Experimental design

We assembled a community of marine metazoans commonly found 
in the Solent Estuary, United Kingdom. Organisms were collected 
by hand from a local rocky shore site (50.844750, - 1.327583) and 
from settlement plates hung at 30 cm below seawater surface on a 
floating pontoon (50.891259, - 1.393894) in a large artificial harbor 
(Southampton, United Kingdom). Organisms were transported for a 
maximum of 30 minutes in insulated containers to the laboratory, 
where they were placed in a constant temperature room at 13°C 
and covered to avoid ambient light exposure. The number and 
approximate size of organisms were recorded (see Table S1). The 
collected organisms were isolated from each other using plastic 
mesh (to avoid predation) and were placed, along with the settlement 
plates, in a 50- litre saltwater aquarium maintained at 13°C with 
aeration to reflect the abiotic conditions in the field at the time of 
collection (November 2018). All plasticware and experimental tanks 
were cleaned thoroughly with 0.5% hypochlorite solution (diluted 
5% household bleach) before the experiment.
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After 4 days of acclimatization, all organisms were removed from 
the 50- litre aquarium and the saltwater was used immediately in the 
experimental treatments (Figure 1a). Four experimental tanks were 
filled with 5.4 litres of artificial seawater (33.0 ± 0.5 psu) made from 
aquarium- grade salt (Tropic Marine® sea salt) and reverse osmosis 
water. A 400 ml pre- experimental control sample was taken from 
each of the experimental tanks and filtered through 0.22 μM poly-
ethersulfone Sterivex filters (MilliporeSigma, Burlington, MA, USA) 
to ensure tanks contained no DNA from the target species. A 400 ml 
positive control seawater sample was taken and filtered as above 
from the 50- litre saltwater aquarium after the known community 
was removed. To evaluate the possibility of cross- contamination 
between tanks during sampling, four control tanks were filled with 
five litres of artificial seawater and five litres of natural seawater 
sampled from a local shoreline (50.817278, - 1.246694) as shown in 
Figure 1a. The detection in the experimental tanks of eDNA from 
metazoans found exclusively in these control samples would indi-
cate cross- contamination during sampling.

To examine eDNA decay through time, we added five litres of 
seawater from the 50- litre saltwater aquarium to all experimental 
tanks. This 50- litre aquarium and all experimental tanks were indi-
vidually mixed thoroughly before the outset of the experiment. All 
tanks were sampled immediately after mixing by filtering 400 ml of 
seawater with Sterivex filters as above. These filters were sealed and 
immediately stored at −20°C until DNA extraction. Subsequently, 
water samples were collected and filtered as above from all the 
tanks at ten different time points: 1, 3, 5, 18, 24, 48, 72, 120, and 

192 hours. Tanks were covered with low- density polyethylene be-
tween sampling to minimize evaporation. A 400 ml water sample 
was filtered as above from a coral reef aquarium containing a com-
munity of tropical fish, invertebrate, and coral species as a positive 
control.

2.2  |  DNA extraction

We performed all extractions in a DNA clean room, no post- PCR 
or high- copy DNA samples were permitted in this laboratory. All 
equipment and surfaces were thoroughly cleaned using household 
bleach solution (final hypochlorite concentration 0.5%) followed 
by 70% ethanol before the outset of work and after processing 
each batch of 24 samples. Filters were subject to DNA extraction 
using the SXcapsule method from Spens et al. (2017). Briefly, fil-
ters were first removed from storage and acclimated to ambient 
room temperature, 720 µl Buffer ATL (Qiagen) and 80 µl (20 mg/
ml) proteinase K was added to the inlet of each filter, sealed filters 
were rotated and incubated overnight at 56°C. The lysate was re-
moved from the inlet of each filter and processed using the Qiagen 
DNeasy Blood and Tissue kit as manufacturer recommended. The 
volume of buffers used in the initial step was adjusted to produce 
an identical ratio of lysate to buffer among samples in the first 
step of the DNA extraction. Spin columns were centrifuged mul-
tiple times to pass all the lysate- buffer mix through the column. 
The final DNA elution was performed using 100 μl of Buffer AE. 

F I G U R E  1  (a) Experimental design 
used to test environmental DNA decay 
using metabarcoding. Tanks, treatments, 
and seawater origin used in the 
experiment are shown. (b) Alpha diversity: 
amplicon sequence variant (ASV) richness 
at different time points throughout the 
course of the decay experiment, a fitted 
non- linear model using a 4- parameter 
Weibull distribution function is shown 
in red with 95% confidence intervals 
shaded. (c) Beta diversity: non- metric 
multidimensional scaling ordination using 
Jaccard similarities comparing eDNA 
samples taken during the course of the 
decay experiment. Samples are shown 
with gray points with the average location 
of each time point shown by black text 
(e.g., T1 = time point 1, first hour of the 
experiment)
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To check for PCR inhibition a Primer Design (Southampton, United 
Kingdom) Internal Positive Control qPCR assay was performed 
under manufacturer recommended conditions and quantities in a 
20 μl reaction that included 2 μl of each eDNA extract. In this 
experiment samples known to contain PCR inhibitors generally 
showed an increase (>1.0) in the cycle threshold value of the assay 
compared to control samples with no eDNA extract.

2.3  |  Metabarcoding library generation

Metabarcoding libraries were generated using a two- step PCR 
method as detailed in Holman et al. (2019). Briefly, this method 
generates a PCR amplicon for a target gene using primers consisting 
of both the target region and an adapter (see details on primers 
below). The adapter regions are subsequently used as a target in a 
second PCR. In this second PCR unique 8 bp indexes and Illumina 
sequencing adaptors are annealed to the amplicon. Each sample 
was tagged using a pair of identical indexes unique to the sample 
(Brennan et al., 2019). This strategy has been shown to avoid sample 
cross talk associated with combinatorial indexing (MacConaill et al., 
2018). A set of primers targeting a 313 bp section of COI gene in the 
metazoan mitochondrial genome were used (Leray et al., 2013). The 
first PCR consisted of 10 μl AmpliTaq Gold 360 Mastermix (Applied 
Biosystems), 0.8 μl (5 nmol/ml) of each forward and reverse primer 
and 2 μl of eDNA extract. An initial denaturation step of 95°C was 
maintained for 10 min followed by 20 cycles of 95°C for 30 s, primer 
annealing at 46°C for 30 s followed by extension at 72°C for 1 min. 
A terminal extension at 72°C was maintained for 10 min. For each 
eDNA extract, triplicate PCR reactions were performed, these were 
then pooled and then cleaned using AMPure XP magnetic beads 
(Beckman Coulter) under manufacturer recommended conditions 
with a 0.8 bead:sample volume ratio. The second PCR consisted 
of 10 μl AmpliTaq Gold 360 Mastermix, 0.5 μl (10 nmol/ml) of both 
forward and reverse primers containing sequencing and index 
adapters, and 5 μl of cleaned PCR product from the first reaction 
in a total reaction volume of 20 μl. An initial denaturation step of 
95°C was maintained for 10 min followed by 15 cycles of 95°C for 
30 s, primer annealing at 55°C for 30 s followed by extension at 72°C 
for 1 min. A terminal extension at 72°C was maintained for 10 min. 
The PCR products from this reaction were cleaned using AMPure 
XP magnetic beads as above. A random subset of 24 libraries were 
checked for expected library size using the Agilent Bioanalyzer 
DNA 1000 kit under manufacturer recommended conditions. 
Libraries were then quantified using the New England Biolabs qPCR 
NEBNext Library Quant Kit under manufacturer recommended 
conditions. Experimental and control samples were then normalized 
with nuclease- free water and equimolarly pooled. Negative control 
samples, consisting of PCR- quality water, blank filters, or extraction 
columns, were used at all experimental steps and were sequenced 
along with experimental samples. Negative control samples cannot 
be meaningfully normalized and so were conservatively added to 
the final pool undiluted in equal volume to the normalized samples. 

The pooled library was quantified as previously and loaded on a 
Illumina MiSeq instrument at 11 pM with 8% Illumina PhiX library 
added before loading to increase run diversity. The library was 
sequenced using an Illumina V3 paired- end 300 bp sequencing kit 
at the Environmental Sequencing Facility (National Oceanography 
Centre Southampton, University of Southampton, UK).

2.4  |  Bioinformatic sequence analysis

Raw sequence data were demultiplexed on the Illumina MiSeq 
instrument using the Generate FASTQ Analysis Module (v.2.0.0.21). 
Cutadapt (v.2.1) (Martin, 2011) was then used to strip the primer 
region from the forward and reverse reads separately using the 
default parameters. Further analyses below were conducted in R 
(v.3.5.2) (R Core Team, 2021) using functions from the R package 
DADA2 (v.1.12) (Callahan et al., 2016). Following primer stripping 
filtering, truncation and amplicon sequence variant (ASV) generation 
was performed as follows. Forward and reserve reads were visually 
examined to evaluate the decrease in sequence quality over the read 
length. Based on these observations forward reads were truncated 
to 250 bp and reverse reads to 180 bp, these values are typical for 
eDNA metabarcoding data generated from seawater (Holman et al., 
2021). Sequences were retained if they had a per sequence expected 
error of less than 1. Subsequently, the per sequencing run error rate 
was estimated, sequences dereplicated and ASVs generated, paired 
reads merged and chimeras truncated using the default settings of 
DADA2. The resultant ASV by sample table was curated using the 
default settings of LULU (v.0.1.0) (Frøslev et al., 2017).

Initial taxonomic assignments were performed as follows, each 
ASV was used as a query in a BLASTn (v.2.6.0+) search with “- num_
alignments” set to 200 against the entire nt database from NCBI 
(downloaded on February 3, 2020). These results were then parsed 
using a custom R function (ParseTaxonomy, https://doi.org/10.5281/
zenodo.4671710) to return a taxonomic assignment for each ASV. 
Hits above 97% identity, contingent on a minimum coverage of 
80%, were annotated as high quality. In cases where more than 
one taxon was found to have a high- quality assignment to an ASV 
a lowest common ancestor algorithm annotated the lowest com-
mon taxonomic rank to the taxa. Assignments with a match above 
65% coverage with >85% identity were annotated as low quality 
All assignments used in subsequent analyses were checked manu-
ally against the NCBI nt database using the online BLASTn service 
(accessed 1st March 2020), ensuring correct assignment using the 
algorithm and checking for multiple matching sequences for each 
ASV. We subsequently removed all ASVs with observations in a 
single sample. Finally, any ASVs in experimental samples that had 
more reads than the maximum observed among negative controls 
were removed. ASVs with a high species- level assignment were com-
bined and read counts summed. Any ASV observed in all four cross- 
contamination assessment tank samples at time point zero and in 
none of the experimental time zero samples was retained and used 

https://doi.org/10.5281/zenodo.4671710
https://doi.org/10.5281/zenodo.4671710
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to assess cross- contamination during the course of the experiment, 
but did not feature in the main decay rate analysis.

2.5  |  Statistical analysis

Exponential decay in eDNA studies has typically been modeled 
using a linear regression of natural log- transformed eDNA 
concentration against time (Collins et al., 2018). Initial analyses used 
the lm function in R to model natural log number of reads against 
time for each species, 0.5 was added to each observation to allow 
for log transformations. The decay rate constant (k) is equal to the 
fitted slope of the log- linear regression (Collins et al., 2018), this was 
estimated with 95% confidence intervals independently for each 
species. A non- linear model using the R function nls and a self- start 
function (SSasymp) was used to model non- linear exponential decay 
for each species independently.

In order to model the eDNA decay dynamics, we used a non- 
linear 4- parameter Weibull function, as defined in Ritz (2010), to 
explore the effect of time on ASV richness using the function drm 
in the R package drc (v.3.0– 1) (Ritz et al., 2016). The function envfit 
from the R package vegan was used to assess the proportion of the 
nMDS values explained by time using 999 permutations.

3  |  RESULTS & DISCUSSION

3.1  |  Sequencing results and ASV generation

Sequencing produced a total of 24.5 million paired- end reads. 
After quality filtering experimental samples had an average of 
161,407.3 ± 48,860.0 (s.d.) paired reads and negative control samples 
had an average of 1.75 ± 3.5 (s.d.) paired reads. No processed 
samples exhibited signs of PCR inhibition. After quality control, 
a total of 5440 ASVs were recovered across the experimental 
samples. Taxonomy could be assigned to 1167 of the ASVs with low 
confidence (<97% identity) and 157 with high confidence (>97% 
identity). In total 3.2% of the quality- controlled reads could be 
assigned taxonomy with high confidence compared to 15.7% for low 
confidence assignments. Out of the recorded 15 metazoan species 
used to assemble the known marine community, 11 were detected 
and one was detected with a genus- level taxonomic assignment in 
the eDNA data (Supplementary Table S1). The number of reads per 
sample, reads per negative control and observed ASV richness was 
in line with previous COI eDNA metabarcoding studies of seawater 
(Holman et al., 2019; Jeunen et al., 2019; Kelly et al., 2016).

3.2  |  Controls

In the negative controls, we only detected reads mapping to two 
ASVs. Seven reads from the DNA extraction control mapped to an 
ASV with a high identity, full length match against Pyura praeputialis 

(Heller, 1878), a tunicate species exclusively found in the southern 
hemisphere (Rius et al., 2017), and a model system studied in the 
laboratory where the DNA was extracted. Eight reads from the 
PCR1 control mapped to an ASV with no taxonomic assignment. 
In both cases, observations in experimental samples with less 
than 100 reads for either of these OTUs were set to zero reads, 
excluding them from further analysis. Positive control samples 
detected the expected range of tropical species found in the control 
tank. Overall experimental tanks showed weak evidence for cross- 
contamination with high confidence assigned ASVs from the cross- 
contamination tanks showing an average of 1.8 ± 4.3 (s.d.) reads 
in each of the experimental tank time points. While this evidence 
points to non- zero levels of contamination in the experiment, the 
mean percentage of potentially cross- contaminating reads per time 
point was 0.001% ± 0.003% (s.d.). In our experimental design, we 
allocated the majority of sequencing effort to control samples (60 
out of 96 sequencing libraries) so the detection of low- frequency 
contamination is more likely compared to a typical study. While 
the observations of these samples have negligible effects on the 
outcome of our study, we found non- zero evidence for cross- 
contamination across our workflow. This underlines the sensitivity 
of metabarcoding and reinforces a requirement for strict laboratory 
decontamination and a large proportion of sequenced control 
samples, particularly when targeting rare or low frequency DNA 
templates (Zinger et al., 2019).

3.3  |  Whole community changes

The number of ASVs per tank replicate rapidly declined from over 
1000 to around 200 between 24 and 48 hours as shown in Figure 1, 
the non- linear model with a Weibull function showed a good fit to 
the data (full model output in Supplementary Table S2). This number 
of ASVs per sample pre- decay is similar to that found in other 
temperate marine studies in human impacted systems (Holman 
et al., 2019). Beta diversity patterns showed in the non- metric 
multidimensional scaling ordination (Figure 1c) demonstrated close 
clustering of the samples from the first 24 hours in line with the 
drop in ASV richness observed after this time period. Additionally, 
the envfit function in R indicated that time during the experiment 
explained a large proportion of the variation in the nMDS plot 
(R2 = 0.834, p < 0.001).

The large number of ASVs detected indicates that the studied 
marine community contains vast biodiversity. This is consistent with 
other studies using degenerate COI primers, which found a large 
number of ASVs / operational taxonomic units in their study systems 
(Djurhuus et al., 2020; Kelly et al., ,2016,2018). After removal of the 
organisms from the 50- litre aquarium, much of the eDNA for the 
species present at the outset remained detectable for 24 hours be-
fore falling to a relatively stable state. These detections likely com-
prised microscopic organisms that could not be removed from the 
aquaria at the beginning of the experiment. These results (Figure 1b– 
c) suggest that eDNA from a temperate marine community degrades 
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quickly, and that between 24 and 48 hours, there is a rapid decay 
in ASV detection. In natural ecosystems, eDNA decay will be bal-
anced by new eDNA produced by the resident community, resulting 
in contemporaneous detection of organisms and eDNA in close spa-
tial proximity but with a rapid drop- off in detection, dependent on 
local eDNA transport (Kelly et al., 2018). Practically, this suggests 
that marine eDNA metabarcoding data should reflect sharp spatial 
differences in biological diversity. Indeed, such experiments have 
shown differentiation between marine sites less than 100 metres 
apart (Jeunen et al., 2019; O'Donnell et al., 2017; Port et al., 2016). 
Additionally, eDNA transport (for example via tides) has been shown 
to have a minor effect compared to local biodiversity in determining 
eDNA- derived community patterns (Kelly et al., 2018).

3.4  |  Detection of metazoan species

Log- linear models showed a significant (p < 0.05) negative relation-
ship between reads and time after species removal (Figure 2a) in 
eight out of the twelve study species (see Supplementary Table S3 
for model outputs). The remaining four species showed no significant 
relationship between loge read number and time, and had the lowest 
number of reads across the experiment (total of 7– 13 reads across all 
tanks for these species). The estimates for decay rate ranged from 
0.0096 to 0.0348 and the 95% confidence interval overlapped for 
many of the detected species (Figure 2b). These values lie within 
the range of estimates from previous qPCR quantification of eDNA 
decay (Collins et al., 2018), indicating that eDNA detectability from 
different species in metabarcoding experiments will differ not only 
by the initial concentration of eDNA but also the species- specific 

decay rate. However, the large overlapping confidence intervals of 
the decay rate constants indicate that point estimates for decay rate, 
as commonly published in the literature, may be uninformative and 
some measurement of error (for example, 95% confidence intervals 
or similar) should also be routinely reported.

In line with observations from the whole community, the bulk of 
the observed reads per species were detected in samples collected 
within the first 48 hours, with consistent patterns across tank repli-
cates (Supplementary Figure S1). However, species with larger num-
bers of total reads, for example, Ostrea edulis (European flat oyster) 
and Asterias rubens (common starfish), were detected in more than 
one tank replicate beyond 48 hours (see Supplementary Figures S2 
and S3). The persistent detection of these species is similar to ob-
servations in qPCR experiments where organisms can be detected 
using eDNA for several days after removal from the aquarium 
(Collins et al., 2018; Cowart et al., 2018).

A number of recent studies (Andruszkiewicz Allan et al., 2021; 
Bylemans et al., 2018) have shown that non- linear models provide 
a better fit to eDNA decay data. A non- linear exponential decay 
model for our data appeared to show a good fit to the data (see 
Supplementary Figure S4). However, AIC and R2 values indicated 
that the log- linear models presented above demonstrated superior 
fit (see Supplementary Table S4). Non- linear models are attractive 
as they provide a great deal of flexibility to model overlapping and 
interacting underlying processes. However, unlike linear regression 
models, significance testing and complex experimental designs in-
cluding additive or interactive terms are not as straightforward 
to implement in a non- linear framework. A number of non- linear 
decay functions have been shown to fit empirical eDNA data well 
(Andruszkiewicz Allan et al., 2021; Bylemans et al., 2018), suggesting 

F I G U R E  2  (a) Number of reads detected in each experimental tank using eDNA metabarcoding against hours since removal for the eight 
species for which a log- linear regression could be fitted (see main text for details). Plots from left to right correspond to Asterias rubens, 
Ostrea edulis, Ciona intestinalis, Monocorophium insidiosum (top row), Diplosoma spp., Crepidulafornicata, Botrylloides violaceus, Amphipholis 
squamata (bottom row). For each plot predicted estimates from a log- linear decay model are shown by the solid colored line and 95% 
confidence intervals are shown with shading. (b) Model estimates of decay rate constant k (h- 1) with 95% confidence intervals for each 
species with order and color matching the left panel
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that the degradation of eDNA proceeds through a number of over-
lapping processes. Ultimately future research should focus on the 
underlying processes driving eDNA decay to derive a decay function 
that parameterizes eDNA decay based on an explicit understanding 
of the multiple processes driving degradation, rather than searching 
for the best fit among a number of “off- the- shelf” models.

Our results provide much needed understanding of how eDNA 
decay affects metabarcoding experiments. This is particularly im-
portant for simulations or models predicting eDNA transport, which 
require estimates of eDNA decay (Andruszkiewicz et al., 2019; 
Sansom & Sassoubre, 2017). In some cases, our experimentally de-
rived decay constant estimates can be incorporated into these mod-
els and enable the estimation of eDNA sources or sinks from field 
eDNA metabarcoding data. These estimates may also be valuable 
in the interpretation of eDNA detections of migratory (Yatsuyanagi 
et al., 2020) or highly mobile species (Postaire et al., 2020; Sigsgaard 
et al., 2017), allowing researchers to estimate the time elapsed be-
tween detection and presence in the environment. This may also be 
valuable in a biosecurity context, allowing natural resource managers 
to trace introduced species after ballast water exchange (Rey et al., 
2019) or after their introduction into marinas or harbors (Holman 
et al., 2019). In addition, our study provides explanatory information 
concerning whole community diversity metrics, which is particularly 
important for understanding whole ecosystem and community dy-
namics. For example, marine eDNA research has repeatedly found 
that tides have a much smaller effect on beta diversity compared to 
proximate habitat or region (Jeunen et al., 2019; Kelly et al., 2018; 
Lafferty et al., 2020). This can be explained by our observation that 
the largest change in beta diversity occurs between 24 and 48 hours; 
a much greater amount of time compared to typical tidal periods. 
Additionally, observations that alpha diversity increases as a func-
tion of catchment area in lotic environments (Deiner et al., 2016) can 
also be explained in light of our data. Alpha diversity should increase 
if the rate of novel species discovery down the catchment is greater 
than the rate of ASV or operational taxonomic unit loss due to eDNA 
degradation measured here.

Overall, the results presented here contextualize previously 
collected data and could be of value in the interpretation of fu-
ture eDNA metabarcoding studies. By creating a known commu-
nity of organisms and a tightly controlled experimental system, we 
were able to examine decay rates using low numbers of reads (see 
Figure 2a). Studies in the natural environment typically discard small 
numbers (<2) of reads (Holman et al., 2019; Jeunen et al., 2019), re-
searchers should therefore avoid interpreting low numbers of reads 
outside of laboratory trials, particularly in ecosystems with unknown 
eDNA transport and decay parameters. Additionally, we advocate 
caution using decay rate constants or changes observed in our data 
to support work in ecosystems with vastly different conditions, as 
there is good evidence for differences between ecosystems [see 
Table 4 of Collins et al., (2018)]. Researchers should perform decay 
experiments using laboratory conditions similar to that of their study 
system wherever possible and incorporate estimates from dissim-
ilar systems in their analyses only when the associated error and 

variance between systems are included. Finally, despite some prog-
ress (Salter, 2018; Zulkefli et al., 2019), little is known about the role 
of bacteria on eDNA decay. Considering that different laboratory- 
based decay experiments may have variable and uncontrolled bacte-
rial communities, further work is urgently needed to evaluate if and 
how bacteria affect eDNA decay in aquatic ecosystems.
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