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Abstract
One of the most attractive aspects of microfluidic chips is their capability of integrating several functional units into one single
platform. In particular, enzymatic digestion and chemical separation are important steps in processing samples for many biochemical assays. This study presents the development and application of a free-flow electrophoresis microfluidic chip, and its
upstream combination with an enzyme microreactor with immobilized pepsin in the same miniaturized platform. The whole
microfluidic chip was fabricated by making use of thiol-ene click chemistry. As a proof of concept, different fluorescent dyes and
labeled amino acids were continuously separated in the 2D electrophoretic channel. The protease pepsin was immobilized using a
covalent linkage with ascorbic acid onto a high-surface monolithic support, also made of thiol-ene. To show the potential of the
microfluidic chip for continuous sample preparation and analysis, an oligopeptide was enzymatically digested, and the resulting
fragments were separated and collected in a single step (prior to mass spectrometric detection), without the need of further timeconsuming liquid handling steps.
Keywords Free-flow electrophoresis . Microfluidics . Thiol-ene polymers . Continuous sample preparation . Immobilized
enzyme reactors . Online digestion

Introduction
Enzymatic cleavage is a commonly used sample preparation
step, e.g., during the production and evaluation of biopharmaceutical drug candidates [1, 2]. The proteolytic digestion is
traditionally performed in bulk by mixing enzyme and substrate in solution and incubating overnight [3] in order to obtain sufficient amounts of digested product for further biopharmaceutical analysis. The proteolysis procedure remains a limiting step in many analytical workflows, often suffering from
enzyme degradation by autolysis and long reaction times [4,
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5]. The approach where enzymes are immobilized on solid
supports has become an intriguing alternative, due to its inherent advantageous features, such as considerably reduced
digestion times, increased stability of the enzymes, and protection from undesirable auto-digestion [6, 7]. Particularly, the
most powerful benefit of immobilized enzyme reactors
(IMERs) is the convenient reusability of the effective biocatalyst [8], without any extra and costly procedure to recycle
and purify, since in some cases very rare and hence expensive
enzymes are needed in the laboratory and during biotechnological production. IMERs are commonly operated in a pumpcontrolled continuous-flow manner [9, 10], thus making it an
attractive strategy to combine IMERs online with
(continuous) separation workflows.
IMERs can be miniaturized and incorporated into
microfluidic chip–based devices, thus further reducing consumption of enzymes, offering highly efficient immobilization, overall lower costs for reagents, and portability [11,
12]. Moreover, microchip-based reactors provide more benefits when compared with microcapillary reactors, such as easily and directly controlled flow rates [13]. Most importantly,
microfluidics offers the unique possibility to integrate enzyme
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reactors with subsequent analytical functionalities in the same
unit, such as separation and detection.
Microfluidic devices have commonly been manufactured
with conventional wet etching and lithography techniques,
using hard materials like glass [14] and silicon [15].
However, this approach calls for labor-intensive and timeconsuming processes [16]. Soft lithography techniques used
for polymer-based materials are often preferred, because they
do not rely on costly and laborious fabrication procedures.
Thiol-ene-based polymeric materials as alternatives to the
widely used poly(dimethyl)siloxane (PDMS) have gained increased interest because of their favorable polymerization
characteristics and especially a very economic fabrication procedure [17]. The specific photopolymerization reaction involves the addition of a thiol functionality to an alkene functionality to form a thioether [18, 19], under exceptionally fast
UV curing conditions [20, 21]. The cross-linked polymers
exhibit flexibility, strong mechanical strength, low contraction
stress eliminating warpage, and homogeneous networks [22].
The greatest advantage of thiol-ene polymers is their potential
to provide easy access to surface functionalization, by making
use of different stoichiometric ratios of the two monomers
during polymerization to produce excess sulfhydryl or allyl
functional groups, respectively, on the surfaces of the channels
[23, 24]. To prepare efficient enzyme reactors, a large surface
area is typically needed. To provide sufficiently large surface
areas in microchannels, porous monoliths can be introduced.
This is elegantly done using emulsions of thiol-ene materials
dispersed in an immiscible liquid serving as the continuous
phase [25, 26]. After polymerization, the resulting monolithic
bed is composed of fully connected beads providing a large
surface area as well as a strong connection to the rest of the
substrate to keep the monolithic bed inside the channel. In this
study, enzymes were immobilized on such monolithic supports through covalent linkage of ascorbic acid [26]. This
approach offers a simple and rapid way to anchor enzymes
to microchannels by coupling free amine groups on the surface of the monolith and the primary amino groups of enzymes. IMERs fabricated in this way are very suitable to be
integrated with separation units within microfluidic devices.
Recently, efforts have been made to develop a combined
miniaturized, polymer-based platform for proteolytic digestion and separation. Capillary electrophoresis has been shown
to be a very powerful tool for the separation of enzymatic
reaction products, because of its high efficiency and fairly
straightforward coupling with IMERs in both online and
offline modes [10, 27, 28]. In CE-integrated IMER devices,
enzymes are bound to the inner capillary surface to carry out
the catalytic reaction; subsequently, the separation and detection of any resulting products are accomplished online at the
downstream end of the same capillary. Enzymatic
microreactors have been accomplished through open-tubular
[28–31], packed-type [8, 32–34], and monolithic techniques
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[35–40] based on capillaries. The online coupling of microchips with IMERs is rather straightforward since
microfluidic chips are commonly operated under laminar
flow conditions. Sakai-Kato et al. fabricated an online
microreactor by preparing an in situ trypsin-encapsulated
sol-gel onto a poly(methyl methacrylate) (PMMA) microchip, integrated with electrophoretic separation in the
same device [41].
Free-flow electrophoresis (FFE) is a viable alternative to
on-chip CE. Moreover, FFE is a useful tool for preparative
separation, since the direction of separation is different from
that of the bulk flow [42]. Micro free-flow electrophoresis
(FFE) is a continuous separation technique, where electrophoresis is performed on a sample stream as it flows through a
carrier medium in a planar chamber [43, 44]. More specifically, sample flow is exposed to the electric field that is applied
perpendicularly and the trajectories of the components are
deflected spatially according to their mobilities. This technique has a high potential to be used for preparative purposes.
Miniaturization of FFE (μFFE) is an attractive approach in
both the preparative and analytical fields due to the fast separation, portability, high surface-to-volume ratio that can improve heat dissipation, and small sample volumes [45]. Thus,
μFFE offers a lot of potential to be combined with other fluidic units towards full lab-on-a-chip systems [46, 47], among
those various chemical reaction and sample pretreatment techniques [48–50]. So far, μFFE has not been integrated with an
enzyme microreactor yet. Sample transfer and other handling
steps could be eliminated by combining reactor and continuous flow separator seamlessly, thus allowing the combined
platform to be more automatable. Digestion products or metabolites can then be collected and used for downstream applications after the micropreparative process.
In this paper, we report an all-thiol-ene microfluidicbased device fabricated using a double-molding technique, comprising an enzymatic reactor in-line with a continuous separation FFE. Firstly, the device was successfully tested for free-flow electrophoretic separation of
fluorescent dyes, amino acids, and peptides. Separation
efficiencies on the μFFE chip were characterized under
different conditions, such as electric field strengths and
buffer flow rates. Then, pepsin was immobilized on the
thiol-ene monolithic support through an ascorbic acid
linker, and integrated with the FFE unit. Real-time fluorescence detection was used for monitoring the separation
process of intrinsically fluorescent compounds or labeled
analytes. For peptides, which are not natively fluorescent,
offline mass spectrometry detection was applied after collection from the outlets of the device. The hyphenation of
IMER and μFFE enables flexible and robust analysis in
an online manner and circumvents manual steps when
transferring digestion products from the microreactor to
the electrophoretic separation.
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Materials and methods
Chemicals and reagents
Pentaerythritol-tetrakis(3-mercapto propionate) (“tetrathiol”),
triallyl-1,3,5-triazine-2,4,6(1H,3H,5H)-trione (“triallyl”),
4-(2-hydroxyethyl)piperazine-1-ethane sulfonic acid
(HEPES), 2-(cyclohexylamino)ethanesulfonic acid (CHES),
2′,7′-dichlorofluorescein, rhodamine B, rhodamine 6G, fluorescein isothiocyanate isomer I (FITC), sec-butylamine, Laspartic acid, [Glu1]-fibrinopeptide B human (Glu-fib),
2-(boc amino)ethanethiol, L-ascorbic acid (ASA), and pepsin
from porcine gastric mucosa (lyophilized powder ≥ 2500 U/
mg) were all obtained from Sigma-Aldrich (Brøndby,
Denmark). Glycine, sodium hydroxide, and hydrochloric acid
were purchased from Merck (Darmstadt, Germany). The
Sylgard 184−poly(dimethylsiloxane) (PDMS) elastomer kit
and (hydroxypropyl)-methylcellulose (HPMC) were bought
from Dow Corning (Midland, MI, USA). Immobilized pepsin
beads were purchased from Thermo Fischer Scientific
(Waltham, MA, USA). Lucirin TPO-L was obtained from
BASF (Ludwigshafen, Germany).
Stock solutions of 2′,7′-dichlorofluorescein, rhodamine B,
and rhodamine 6G were prepared in methanol at a concentration of 4 mg ml−1. Mixture sample solutions were diluted with
methanol/water (1:1, v/v) at final concentrations of
20 μg ml−1. FITC-amine derivatives were prepared as follows: sec-butylamine, glycine, and aspartic acid were dissolved in 20 mM borate at pH 9 with final concentrations of
10 mM each. A total of 4 mg of FITC was dissolved in 50 μl
DMSO and diluted to 1 mg ml−1 with 20 mM borate at pH 9.
Derivatization of individual amines was performed by mixing
100 μl FITC solution and 400 μl amine, and the reaction was
kept in the dark overnight. Final sample solutions were prepared by mixing stock solutions of FITC-amines and then
diluting with running buffer. All the solutions were degassed
and filtered right before the experiments to minimize bubbles
and other interferences.

Fabrication of the microfluidic chip
A double-molding technique was used to fabricate the thiolene microfluidic microchips described elsewhere in detail
[23]. Computer-aided design software (Autodesk Inventor
Professional, 2015) was used to draw the chip structures.
The master mold on a PMMA plate was obtained by highprecision milling (Minitech 3, Minitech Machinery Corp.,
Norcross, GA, USA). The dimensions of the channels were
measured using a Dektak ® XT stylus profiler (Bruker,
Billerica, MA, USA). The second mold was made by pouring
PDMS into the PMMA mold and curing for 2 h at 80 °C. A
stoichiometric mixture of thiol and ene monomers was then
poured into the PDMS replica mold and exposed to UV light
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for 9 s on each side (160 mW cm−2 at 365 nm, Dymax EC
5000 Series UV curing flood lamp, Dymax Corp, Torrington,
CT, USA). The two thiol-ene slabs were removed from the
PDMS molds and aligned to each other manually, then cured
under UV lamp for an additional 5 min to finalize the bonding
process.

Monolith fabrication
The in situ polymerized thiol-ene monolith was prepared
based on our previous work [26]. We prepared a mixture of
60% excess ene thiol-ene in methanol (80% w/w), while
methanol was also used as the porogen. The emulsion was
magnetically stirred in a sealed well plate at 1500 rpm for
5 min. 0.2% (v/v) photoinitiator (10% Lucirin TPO-L in ethanol) was added while stirring and mixed for another 5 min
protected from light. All the inlets and outlets of the chips
were sealed closed with tape other than the two used to access
the microreactor. The emulsion was injected into the middle
inlet (Electronic Supplementary Material (ESM) Fig. S1d) to
fill the channel using a pipette, and photopolymerization was
performed immediately using collimated light from a UV
lamp (15 s, 20.5 mW cm−2 at 365 nm, LS-100-3C2 near UV
light source, Bachur & Associates, Santa Clara, CA, USA). In
this work, a 3D-printed photomask was used to define the
portion of the microfluidic channel where the monolith was
polymerized. As shown in ESM Fig. S1c and d, the opening in
the mask is between point a and point b. Any unpolymerized
emulsion was removed by pressured nitrogen. After an extra
15 s of illumination time for complete curing, the chip with the
monolithic structure was flushed with Milli-Q water at a flow
rate of 15 μl/min. All the inlets and outlets of the chip were
sealed for storage purposes.

Enzyme immobilization
Pepsin was immobilized onto the monolithic support based on
the protocol published by Jönsson et al. [51]. A total of 200 μl
of 2-(boc amino)ethanethiol containing 0.5% v/v
photoinitiator (Lucirin TPO-L) was pumped into the monolithic channel and exposed under collimated UV light for 30 s,
aiming at introducing amine groups at the surface of the
monolith. Afterwards, the monolith was rinsed with Milli-Q
water at 10 μl/min for 5 min to remove unreacted products.
The exposure (de-protection) of amine groups at the surface of
the monolith was carried out by flushing with hydrochloric
acid overnight (4 M, 12 h), at a flow rate of 2 μl/min. After
washing with Milli-Q water at 30 μl/min, the channel was
filled with ascorbic acid solution (100 mg in 1.5 ml 66%
methanol) and incubated for 30 min, followed by rinsing with
Milli-Q water (5 min, 30 μl/min). Ascorbic acid establishes a
covalent linkage between the amine groups on the surface of
the monolith and primary amino groups of the enzyme.
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Subsequently, pepsin was immobilized on the activated monolithic material by introducing 10 mg/ml pepsin solution in
Milli-Q water and incubated while sealed for 24 h at 4 °C.
Non-absorbed enzyme was removed by pumping Milli-Q water through the reactor before use. After immobilization, outlet
A in ESM Fig. S1d was sealed completely through
photopolymerization using 0.2% (v/v) Lucirin TPO-L in thiol-ene. The enzymatic microreactor was filled with 0.1 M
sodium acetate in 10% glycerol at 10 μl/min for storage.

Digestion off-chip
A total of 300 μl of pepsin-immobilized beads was mixed
with 900 μl 0.23% FA in Milli-Q water to get a homogeneous
suspension. Pepsin beads were separated by centrifugation at
500 rpm for 2 min and the supernatant was discarded. This
washing procedure was repeated twice. 1.0 mg of Glu-fib was
dissolved in 200 μl of 0.23% FA in Milli-Q water and added to
the tube containing final pepsin beads. The mixture of suspension was incubated for 15 min at 37 °C in a shaker. The
suspension was transferred to a separator tube and centrifuged
at 2000 rpm for 2 min to stop the reaction and obtain particlefree digestion product solution.

Fabrication of 3D-printed mask and holders
A 3D-printed lithographic mask (pocket dimensions, 77 ×
27 × 1 mm) was used to selectively place monolith in a channel right before photopolymerization, with a slit of 12 ±
1.5 mm for exposure (ESM Fig. S1). Fluidic connection to
the microfluidic device was realized through 3D-printed
holders with tubes assembled. The chip holders and mask
models were designed with computer-aided design software
(Autodesk Fusion 360, San Rafael, CA, USA) and exported to
an “Ultimaker 2” 3D printer (Ultimaker, Geldermalsen,
The Netherlands). Black polylactic acid–loaded filaments
(PLA, Innofil3D, Emmen, The Netherlands) were utilized
for the 3D printer, with the main parameter settings as
1.05 mm wall thickness, 0.1 mm layer height, and 100% infill.

Experimental setup and data collection
Fluidic sealing was realized by assembling 6–32 coned
MicroTight® fittings (IDEX Health & Science LLC, Oak
Harbor, WA, USA), PEEK tubings (1/32″ × 0.38 mm/.015″
ID, JR-T-5715-M3, VICI Jour, Switzerland), and in-house
fabricated cylindrical PDMS O-rings, which partly integrated
into the two 3D-printed holders. Silicone tubes were fixed to
the four end holes of the side electrode grooves using epoxy
glue (ESM Fig. S1e).
Pulsation-free syringe pumps (Fusion 200, Chemyx, USA;
LEGATO® 110, KD Scientific, USA) were used to introduce
hydrodynamic flow into buffer inlets, electrode channels, and
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central sample inlet (Fig. 1a). High-precision glass syringes
(PTFE Luer lock, VWR, Søborg, Denmark) were connected
to PEEK tubings. Prior to the experiments, the chip was
flushed with ethanol and Milli-Q water, followed by 10-min
priming with separation buffer. For this purpose, four-port
switch valves were utilized between syringes and inlets of
the chip to get rid of bubbles when changing priming solvents.
After experiments, the chip was flushed thoroughly for 10 min
with Milli-Q water and ethanol, respectively.
Platinum electrodes were inserted into the side silicone
tubes and connected with a high voltage power supply (High
Voltage Sequencer, Labsmith HVS448 6000D) (ESM Fig.
S1e). The electrical potential was controlled through
computer-aided software. The chip was observed and monitored under a Nikon Eclipse Ti fluorescence microscope
( E c l i p s e Ti - E , N i k o n I n s t r u m e n t s E u r o p e B V,
The Netherlands) equipped with an Andor Neo camera
(Belfast, Ireland) and Nikon NIS-elements AR software
(Tokyo, Japan). The separations were observed with filter sets
for FITC (excitation peak 495 nm, emission peak 519 nm,
Nikon) and TRITC (excitation peak 558 nm, emission peak
575 nm, Nikon), respectively. For large images exceeding the
camera field of view, multiple image frames across the area of
the separation chamber were captured, combined, and stitched
together with 10% overlay. Line scan acquisition was processed using ImageJ (Rasband, National Institutes of Health,
USA), and the contrast of images was adjusted for better observation. For easy use of the fabricated chip with an inverted
fluorescence microscope, and assembling the two 3D-printed
holders together, the backplate was cut from PMMA substrate,
using a desktop laser (Epilog Mini18 CO2 laser, Epilog laser,
CO, USA).
The mass spectrometry measurements were carried out
with an Agilent 1100-series HPLC coupled to Micromass
Quattro Micro™ system, using an electrospray ionization
source in positive mode. The mobile phases, consisting of
0.1% (v/v) formic acid in water (A) and 0.1% (v/v) formic
acid in acetonitrile (B), were pumped at a flow rate of 0.2 ml/
min. The injection volume was 5 μl. The capillary voltage was
set at 3.50 kV, and the cone voltage was 30 V. The desolvation
gas flow was set to 650 l/h at a temperature of 300 °C, and the
source temperature was set to 80 °C. The cone gas flow was
20 l/h. The data was monitored in full-scan mode.

Results and discussion
Chip design
In this study, we used so-called partitioning bars to keep
bubbles from entering the main chamber; this was based
on a design published previously [52]. The resulting
thiol-ene chips (Fig. 1) are 27 mm × 77 mm in size with
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Fig. 1 Chip design. a 3D sketch of the entire chip. b Photograph of the IMER-FFE device, with immobilized enzyme. c Cross-sectional structure of the
separation area chamber and electrode channels (not to scale). d Zoom-in from (b): schematic depiction of IMER

a total thickness of 1 mm, consisting of five chamber
inlets for sample solution and running buffer, nine outlets for downstream sample collection, and one inlet and
outlet on each lateral side for the electrode channels.
The microreactor was incorporated into the middle inlet
channel, being 12 mm long × 200 μm deep × 500 μm
wide, and with a slope to 50 μm over 2 mm that connects to the separation chamber. Figure 1d illustrates the
immobilization of the enzyme in the microreactor via
thiol-ene click chemistry and ascorbic acid linkage.
The main chamber is 50 μm deep, 14 mm wide, and
28 mm long. Inlet and outlet channels are 500 μm wide
and all end holes/openings are 800 μm in diameter.
Figure 1c shows the cross-sectional structure of the
main chamber. The partitioning bars are 500 μm wide
and leave a gap of about 15 μm in height; the purpose
is to separate the main chamber from the electrode slots,
which are 500 μm × 300 μm (width × height). This
design prevents bubbles, which may be generated in
the electrode compartments, from entering into the separation region. Pillars are introduced throughout the big
chamber and also along the partitioning strips to prevent
the two thiol-ene slabs from collapsing during the bonding process. One typical challenging issue in FFE devices is how to keep any electrolysis products generated
at the electrodes by the applied electric field away from
the main separation chamber. Bubbles at the interface
between the separation and electrode compartments can

disrupt fluid flow and also influence the efficiency of
the separation, especially if too many bubbles aggregate.
Several design strategies have been used to eliminate
bubbles from entering the separation region.
Membrane-like channels [53] and ion-permeable membranes [54] were microfabricated into the chip as barriers to isolate bubbles while permitting electrical contact, but their drawbacks were a high electrical resistance and the limited mechanical stability of the membranes. Electrostatic induction [55] of an electric field
was demonstrated, and no electrolysis and current flow
between the electrodes were observed. Fonslow et al.
[56] used different channel depths between the electrode
slots and the separation chambers to adjust flow velocities and remove bubbles by a 15 times higher flow rate
in the electrode channels. Replacement of standard electrodes with palladium electrodes [57] and salt bridge
connections [58] also contributed to suppressing bubble
formation. Although these approaches were shown to
alleviate the detrimental effect of bubbles, some of them
have complicated microchip fabrication procedures due
to the more laborious membrane or electrode incorporation, and thus often also increased the costs of the devices. In the current study, we used partitioning bars to
isolate bubbles, which are manufactured easily and economically. External electrodes were used as a straightforward and effective alternative for providing electrical
contact, inspired by Köhler et al. [52], thus also
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In a first experiment, the thiol-ene polymer-based device
was applied to free-flow separation of a mixture of fluorescent dyes. The velocities and widths of sample
streams were adjusted by changing the parameters of
the syringe pumps. Figure 2a and c show the separation
of 2′,7′-dichlorofluorescein and rhodamine 6G (note: not
the entire width of the separation chamber is shown).
The separated bands appeared immediately once the
electric field was applied to the device. Line scans were
taken at a distance of 7 mm upstream from the exit of
the main chamber. Under the experimental conditions
used here (20 mM HEPES at pH 7.5), 2′,7′dichlorofluorescein has a negative charge of one,
resulting in its deflection to the anode, while rhodamine
6G carries one positive charge so the stream migrates to
the cathode. Figure 2b and d illustrate the separation of
2′,7′-dichlorofluorescein and rhodamine B. Rhodamine
B is not charged at these conditions and thus not influenced by the electrical field. The sample mixture split
into two streams immediately once the electric field was
applied. Sample streams with smooth trajectories can be
seen in the separation chamber. The support pillars

within the chamber did only marginally influence the
flow shape of the separated streams. It should be noted
that the separation of the two streams is not proceeding
in a strictly linear way, but has a slight “trumpet”
shape, most likely due to the presence of discreet outlets towards the end of the separation chamber. An
angulagram was constructed to evaluate the quality of
the separation, following an approach published previously [59]. Briefly, the reflectometric digital image
(aligned by mirroring and rotation from Fig. 2a) of the
separation of DCF and R6G was transferred from
Cartesian into polar coordinates, and the signal over
radius was integrated. The reflectometric image
(fluorescein.preview) can be found in the Python supplementary material (ESM Fig. P4). Parameters were
imported into a Python program (ESM angureflexin.py)
for developing an angulagram, and another Python program (ESM evolutin.py) for computing characteristics
including stream deflection, width, linearity, and resolution. As shown in Fig. 3, the streams are narrow (ω <
3.0°) and linear (L2 ≥ 0.90). The original image, evaluation of data produced by Python, and the source code
are provided in the ESM. The electric field strength and
the flow rate are the main factors that influence the
separation performance in an FFE device. Figure 4a–c
show the effects of the electrical field strength as well
as the buffer flow rate on the separation of 2′,7′-

Fig. 2 FFE separation of fluorescent dyes. a FFE separation of 2′,7′dichlorofluorescein and rhodamine 6G. b FFE separation of 2′,7′dichlorofluorescein and rhodamine B. c Corresponding line scan from
near the exit of the main chamber, as indicated by the white line in a;

(1) rhodamine 6G, (2) 2′,7′-dichlorofluorescein. d corresponding line
scan from near the exit of the main chamber, as the white line in b; (3)
rhodamine B, (4) 2′,7′-dichlorofluorescein. Separation in 20 mM HEPES
buffer pH 7.5 at a field strength of 429 V/cm

simplifying the fabrication by avoiding integration of
electrodes.

Characterization of FFE on a thiol-ene device
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the two bands increased with increasing field strength,
but the peaks also got broader.
Resolution values were calculated to more quantitatively characterize the separation efficiency, using an equation
suggested by Fonslow and Bowser [60]:
R ¼ 2ðd1−d2Þ=ðW1 þ W2Þ

Fig. 3 Angulagram of the separation of DCF and R6G. The values in the
graph are stream deflection (φ), width (ω), linearity (L2), and resolution
(R) between two streams

dichlorofluorescein and rhodamine 6G. All the cross
sections were taken from the same position in the separation chamber as indicated by the white line in Fig.
2a. Separation efficiencies obtained under different conditions were compared. Generally speaking, visual inspection alone shows that the spatial separation between

Fig. 4 FFE separation efficiency of 2′,7′-dichlorofluorescein and
rhodamine 6G at different electric field strengths and for different buffer
flow rates. a 20 μl/min, b 25 μl/min, and c 30 μl/min. d Resolution

where d1 and d2 are the migration distances perpendicular
to the centerline direction and W1 and W2 are the widths
of the streams. Figure 4d demonstrates the relationship
between resolution, applied electric field strength, and
flow rate of the buffer solution. As expected, the resolution increases when higher field strengths are applied. At
the same time, lower buffer flow rates yield better resolution, mainly because of the longer residence time of the
sample inside the separation chamber.
In an FFE device, the migration distance, d, along the direction of the applied voltage can be described by the equation
below [60]:
d ¼ Etμtotal ¼ ELμtotal =v

where E is the electric field strength, t is the residence time
spent in the separation compartment, μtotal is the total mobility
of analyte, L is the longitudinal distance a given analyte

between the two fluorescent dyes calculated from (a), (b), and (c).
Electropherograms are offset for clarity
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migrates prior to the detection point, and v is the linear velocity of the carrier buffer. Electric field strength and residence
time are thus two important and independent parameters that
determine the migration distance. Et is defined as separation
power [61], which is used to predict the migration distance by
adjusting electric field and velocity
separation power ¼ Et ¼ EL=v
Experimentally, separation profiles under two different
conditions (30 μl/min flow rate at 161 V/cm field strength,
and 20 μl/min at 107 V/cm (two-thirds of the previous
values)) were compared. Both DCF (d = 1.7 mm) and R6G
(d = 1.3 mm) had the same migration distance under both
conditions, yielding the same separation power, as expected.
This means that the electric field strength and the linear velocity of the hydrodynamic flow provide means to adjust separation conditions and, here, keep the same position of the
streams.
Contributions from the injection (σ2inj), from diffusion
2
(σ D), and from hydrodynamic broadening (σ2HD) are the major sources of band broadening [60].
σ2total ¼ σ2inj þ σ2D þ σ2HD ¼

ω2inj
12

þ

2DL
h2 d 2 v
þ
v
105DL

where ωinj is the width of the injection plug, D is the diffusion
coefficient of the analyte, v is the linear velocity of the carrier
buffer, d is the migration distance of the analyte, and L and h
are the length and depth of the separation channel, respectively. According to the equation above, the total variance is

proportional to the square of the deflection distance at a given
flow rate and in the same device. This is in accordance with
Fig. 4a, where the peak width increases when a band deflects
more. In this case, hydrodynamic broadening is the major
source of band broadening. Decreasing the height of the separation chamber could help to minimize the effect of hydrodynamic broadening, and Joule heating would decrease at the
same time (another potential contribution to band
broadening).

Separation of fluorescently labeled amino acids
After the initial performance evaluation with fluorescent dyes,
we focused on the application of this device to amino acids.
Aspartic acid, glycine, and butylamine were selected as target
analytes and labeled with FITC for detection. Figure 5a presents an image of the μFFE separation of the mixture of fluorescently labeled amino acids using 5 mM borate buffer at
pH 8. Line scans were taken at the dashed line and separation
efficiencies under various field strengths were studied. By
labeling with FITC, two additional negative charges are added
to the original charge state of the molecules under the chosen
experimental condition. The order of migration distance depends on their electrophoretic mobilities, which are related to
the molecules’ mass/charge ratios. All analytes, which have
FITC groups covalently coupled to the primary amines of their
structures, deflected towards the anode, and the most negatively charged species, FITC-aspartic acid, migrated furthest.
Separation resolution increased with increasing field
strengths. It shows that improved resolutions can be obtained
by applying higher electric field strengths when compounds
have the same fluorescein group, which is covalently coupled,
in their structures and similar size, and thus smaller difference
in electrophoretic mobilities.

Continuous separation of fluorescently labeled
peptides

Fig. 5 Continuous separation of amino acids. a A fluorescent photograph
of FITC-amino acids. Fluorescent bands from top to bottom: FITC-Sbutylamine (upper stream), FITC-glycine (middle stream), and FITC-Laspartic acid (lower stream). b Chip separation using different electric
field strengths

The anticipated application of the combined microfluidics
units is to perform enzymatic digestion and online separation
of peptide fragments in a continuous fashion. Glufibrinopeptide (Glu-fib) was chosen as a model analyte to
validate this setup. This oligopeptide consists of 14 amino
acids with the sequence EGVNDNEEGFFSAR. Initially,
Glu-fib was digested off-chip by using pepsin immobilized
on beads, then labeled with FITC before being introduced to
the FFE device. HPMC was added to the running buffer for a
dynamic coating of the channel walls to decrease non-specific
surface adsorption of peptides. Figure 6 shows three separated
streams of fluorescently labeled digested fragments using
20 mM CHES buffer at pH 8. Pepsin is most likely to cleave
at the carboxyl side of phenylalanine, and thus, the digested
products are assumed to be the fragments SAR, FSAR, F, and
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Fig. 6 Continuous separation of
fluorescently labeled peptides. a
Image of fluorescently labeled
peptides after off-chip digestion
with pepsin immobilized on
beads. b Line scan from the white
line in (a) (without characterization by mass spectrometry)

EGVNDNEEGF, respectively. Under the experimental condition of pH 8, the labeling agent FITC has two negative
charges. EGVNDNEEGF and F have one primary amine
group in their structures after the hydrolysis reaction and thus
react with one molecule of FITC, such that they carry seven
and three negative charges, respectively. SAR and FSAR both
have five negative charges after the derivatization (and only
one amino acid difference in mass/size), and therefore, both
fragments co-migrate. Still, it could be demonstrated that the
thiol-ene-based FFE device could be successfully applied for
separation of larger molecules.

In-line peptide digestion with hyphenated FFE
While fluorescently labeled analytes make for nice visualizations of continuous separations in FFE, many relevant
analytes, including most peptides, are not natively fluorescent.
Even more important, labeled functional groups may have an
effect on the properties and structures of the analytes (here:
peptides), and also influence the separation performance.
Thus, we introduced non-labeled Glu-fib to the IMER-FFE
setup and collected digested peptides from the outlet at the
end of the microreactor and identified them with mass spectrometric analysis. For a first evaluation of the enzyme reactor

part alone, a single IMER device was used, as shown in ESM
Fig. S1a. Caffeine was chosen as an internal standard and
added to the Glu-fib solution, in order to evaluate the
immobilized enzymatic efficiency on-chip, and since pepsin
preferentially only cleaves at the carboxyl side of aromatic
amino acids, caffeine is not digested or otherwise affected
by the enzyme. Figure 7a presents the mass signals of the
involved molecules before on-chip digestion (caffeine, MW
195.185; Glu-fib, MW 785.833, EGVNDNEEGFFSAR).
Figure 7b shows the mass signals of the digestion products
collected from the outlet of the microreactor (MW 333.314,
Ser-Ala-Arg (SAR); MW 480.430, Phe-Ser-Ala-Arg (FSAR);
MW 166.092, Phe (F); MWs 1109.666/555.335/577.317,
G l u - G l y - Va l - A s n - A s p - A s n - G l u - G l u - G l y - P h e
(EGVNDNEEGF)), which were identified as sequences of
amino acids. Here, we could only see less than 2% of Glufib remaining (by comparing the response ratio of Glu-fib to
the internal standard after and before digestion), which means
the peptide was largely digested in the microreactor.
Subsequently, the entire IMER-FFE device was used to perform in-line digestion followed by continuous electrophoretic
separation using 10 mM ammonium acetate buffer at pH 4.5.
Figure 8a illustrates the stream of rhodamine 110, which
carries almost no charge under the experimental condition. It

Fig. 7 MS of fragments from the IMER device. a Glu-fib before digestion and caffeine used as an internal standard. b Products collected from the outlet
of the microreactor (fragments identified by the amino acid sequence)
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Fig. 8 a Photo with a fluorescent marker in the center and nine outlets labeled. MS spectrum of fragments from the IMER-FFE device. Samples collected
from b outlet 3, c outlet 5, and d outlet 8

was chosen as a visual marker to be able to adjust the flow
rates of the syringe pumps and obtain a straight line. The
intensities of fragments collected from outlets 1–9 (see also
Fig. 1a) are summarized next to the electrophoretic image.
EGVNDNEEGF is negatively charged under the experimental conditions, and thus, outlets 5–9 are likely to contain this
fragment. The positively charged SAR and FSAR ideally
should exit from the upper outlets (1–4). Figures 8b–d show
the samples collected from outlets 2/3 (MW 333.347, SAR;
MW 480.430, FSAR), outlet 5 (MW 166.092, F; 331.260,
marker), and outlets 8/9 (MW 1109.666/555.335/577.317,
EGVNDNEEGF), which is in accordance with our expectation. SAR and FSAR were both detected from outlets 2 and 3,
where SAR was collected from outlet 2 at a higher concentration while FSAR tends to be found more in outlet 3.
Apparently, baseline separation was not achieved for these
two species under the chosen conditions, which is mainly
due to their similarity in molecular structure and the same
charge state. However, the results suggest that we can separate
peptide fragments from protein digestion and continuously
collect them at different outlets using this IMER-FFE device.

Conclusion
In this study, we developed a robust and simple enzyme
reactor hyphenated with a free-flow electrophoretic separation microfluidic platform. This is the first time thiol-ene
polymers were used to manufacture all fluidic elements, the

monolith support for the enzyme reactor, and the FFE unit.
After an initial characterization with fluorescent dyes and
amino acids and an investigation on how different parameters influence separation efficiency, the two functional units
were integrated and the digestion and separation were completed in a few seconds. The online coupling of this allthiol-ene-based system demonstrates its potential for
avoiding tedious and time-consuming sample transfer, decreasing incubation time compared with traditional enzymatic approach, minimizing sample volume consumption,
and allowing repeated usage. It extends the application of
FFE and could be considered a potential tool for online
chip-based peptide analysis. The continuous separation approach also allows for collection of larger amounts of
analytes, improving in particular mass-dependent detection. In the future, a direct coupling of this current IMERFFE device to mass spectrometry [62–66] will further
strengthen the potential for automation. Even though coupling the devices to MS detection does not require fluorescent labeling and may allow both better sensitivity and selectivity, it is not a trivial task and not as robust as optical
detection. The spray stability is highly dependent on the
geometry of the spray tip and how the electric contact for
the electrospray voltage is applied at the spray tip. Overall,
the whole fabrication of the device becomes much more
complicated and the performance of the device is highly
dependent on the spray performance. Currently, we are
working on optimizing the ESI emitter and will integrate
it with the described setup in the near future.
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