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ABSTRACT: Photobiocatalysis holds great promise toward the development of sustainable and
environmentally friendly processes, harnessing light to drive biocatalytic reactions. However,
photobiocatalysis at the interface of insoluble substrates, such as cellulose, has not been studied in
much detail. In this context, the catalytic enhancement of lytic polysaccharide monooxygenases
(LPMOs) by light is of great interest to the bioreﬁnery ﬁeld due to their capacity to oxidatively
cleave such recalcitrant polysaccharides which can facilitate the degradation of lignocellulose. It has
previously been reported that light-driven LPMO reactions have a huge catalytic potential, but
eﬀective continuous illumination in reactors may be challenging. Therefore, we investigated the
impact of intermittent illumination. We show that illumination intervals as short as 1 s/min enable
LPMO catalysis on phosphoric acid-swollen cellulose (PASC) to the same level as continuous
illumination. Additionally, time-resolved measurements indicate that reductant depletion, and not
enzyme inactivation, limits light-driven LPMO reactions. This study shows that a 60-fold reduction
in illumination time enhances LPMO catalysis while protecting reaction elements, e.g., the reductant.
Most importantly, the signiﬁcant enhancement of LPMO catalysis with minimal and intermittent
illumination is promising toward an application of photobiocatalytic depolymerization of lignocellulose where shading and light
scattering minimize light availability and continuity.
KEYWORDS: Photobiocatalysis, Lytic polysaccharide monooxygenases, Cellulose oxidation, Intermittent light,
Reactive oxygen species (ROS), Photosensitizer, Chlorophyllin

■

INTRODUCTION
In recent years, photobiocatalysis has been established as a
promising ﬁeld of research aiming at delivering green solutions
for a much needed transition into a sustainable future.1
Essentially, it combines the better of two worlds, namely,
photocatalysis and biocatalysis, to drive enzymatic reactions by
light under conditions that are environmentally favorable.
Various redox enzymes, such as cytochrome P450s or laccases,
have been successfully tested for their potential to be applied in
such systems.2−6 Among the tested combinations, photobiocatalysis at the interface of water-insoluble biopolymers,
such as cellulose, has not received detailed attention. It
presents a particular challenge as the biocatalyst is water
soluble and is required to bind onto and attack a densely
packed polymeric substrate. Here, lytic polysaccharide
monooxygenases (LPMOs) are “the weapon of choice”
because the rather unique architecture of the active site of
these mono-copper enzymes, in which the copper is
coordinated by a histidine brace, allows for interaction with
crystalline and recalcitrant polysaccharides.7−10 In this context,
a novel and promising photoactivation approach for the
degradation of plant waste material has been outlined recently
which showed that light-driven systems, composed of a
© 2020 American Chemical Society

photosensitizer and a reductant, could dramatically increase
LPMO activity.11,12 It has furthermore been suggested that this
activity enhancement is due to light-driven H2O2 formation.13
While the full mechanism behind the light-driven formation of
H2O2 and LPMO activation has not been resolved yet, the
current disadvantage of such a light-driven system is that
besides activating the LPMO excess H2O2 can be detrimental
to both photosensitizer and enzyme.14
However, LPMOs have become an essential part of
industrial enzyme cocktails for lignocellulose transformation,
generating fermentable sugars for conversion to fuels and
chemicals due to their synergistic mode of action with
canonical cellulases.15,16 The products of LPMO catalysis are
oxidized oligosaccharides and their nonoxidized counterparts.
In glucans, the oxidation of the pyranose ring can take place at
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A standard curve was generated from known concentrations (0−50
μg L−1) of an internal standard solution (IV-ICPMS-71A solution,
Inorganic ventures, Christiansburg, VA, USA) to determine the metal
content by comparison of the sample to the standard curve. After
instrument calibration, 2% nitric acid was used as a control before
running protein samples, and the TtAA9 preparations (1−2 mg
mL−1) were diluted as necessary in 2% nitric acid. An average of three
analyses of each sample was taken.
Protein concentrations of puriﬁed TtAA9 were estimated based on
its absorbance at 280 nm using a NanoDrop spectrophotometer
(Fisher Scientiﬁc, USA). The TtAA9 sequence was used to calculate
the extinction coeﬃcient of the TtAA9 (ε280 = 58,120 M−1 cm−1)
with an online tool available at https://web.expasy.org/protparam/.27
Reagents. Ascorbic acid was obtained from Sigma-Aldrich (St.
Louis, MO, USA). Stock solutions of 100 mM were prepared in MQ
water and kept at −20 °C in the dark until use.
Substrates. Microcrystalline cellulose (Avicel, PH-101) was
obtained from Sigma-Aldrich.
Phosphoric acid-swollen cellulose (PASC) was prepared by treating
microcrystalline cellulose (Avicel PH-101) with phosphoric acid as
previously described.28 Brieﬂy, 4 g of Avicel PH-101 was dispersed
into 100 mL of phosphoric acid (86% w/v) at 60 °C and magnetically
stirred for an hour. Then, 1900 mL of H2O was slowly dripped into
the solution while stirring. The suspension was then allowed to form
sediment at 4 °C. After sedimentation, the supernatant was removed.
The suspension was washed four times with H2O, and the pH was
neutralized using Na2CO3.
Preparation of Cellulose Nanoﬁbrils (CNF). Destarched pulp
from potato tubers (20 g dry weight) was washed with 15 L H2O on a
sieve (pore size 38 μm) to remove the remaining starch granules and
water-soluble compounds. The washed pulp was then soaked in 500
mL of 0.5 M NaOH and heated to 80 °C under stirring for 2 h to
remove hemicelluloses and pectin. The treatment was repeated once
more by collecting the wet pulp on a sieve and transferring it to a
fresh solution of 0.5 M NaOH. After 2 h of stirring at 80 °C, the pulp
was washed with distilled water until neutral pH was reached.
Subsequently, the pulp was suspended in 500 mL of NaClO solution
(1% v/v, pH 5.0) to oxidize lignin and tannins, as well as introducing
carboxyl groups onto cellulose. The oxidation with NaClO was
carried out at 70 °C under mixing for 2 h, where after the cellulose
ﬁbers were washed extensively with distilled water. The cellulose
ﬁbers were ﬁnally diluted to 0.9% (w/w) in distilled water and passed
through a high-shear homogenizer (microﬂuidizer materials processor
M110-P with oriﬁces of 200 and 400 μm) under a pressure of 500 bar
for 18 min to produce nanoﬁbrils. The resulting transparent nanoﬁbril
suspension was stored at 4 °C.
Photosensitizer. Chlorophyllin (product code C-100.000-WS-P)
produced by extraction of Festuca arundinacae was a gift from Chr.
Hansen, Hørsholm, Denmark. The ﬁnal concentration (mM) of
chlorophyllin was determined based on an average molar mass of
724.15 g mol−1.
Protein Oxidation Measurements. Protein samples (20 μg)
were precipitated with trichloroacetic acid (TCA) (ﬁnal concentration
w/v 10%) and spiked with a mix of 17 stable isotope-labeled amino
acid standards (250 pmol each with the exception of cysteine at 125
pmol) before evaporation using a centrifugal vacuum concentrator for
15 min. The resulting pellet was hydrolyzed for 16 h in 4 M
methanesulfonic acid (MSA) with 0.2% tryptamine (50 μL) under
vacuum at 110 °C. Amino acids were partially puriﬁed by solid-phase
extraction using 30 mg mL−1 mixed mode strong cation exchange
Strata X-C cartridges (Phenomenex). The columns were activated
using 100% methanol (1 mL), followed by equilibration with 0.1%
formic acid (FA) in H2O (1 mL). Samples were diluted with 0.1%
formic acid in H2O (10 μL hydrolysate into 990 μL of 0.1% FA) to
reduce competitive binding with MSA in the sample matrix. The
samples were loaded onto the column and washed with 0.1% FA in
H2O (1 × 0.6 mL) and 0.1% FA in acetonitrile (1 × 0.6 mL) followed
by elution with 20% acetonitrile in 1% aqueous ammonium hydroxide
(1 × 0.6 mL). Extracts were dried at 60 °C under vacuum for 4 h and
dissolved in 50 μL of 0.1% FA. Polar amino acids were eluted during

the C1 position, producing aldonic acids, or at the C4 position,
producing 4-ketoaldose (gemdiols).17,18 Regardless of the type
of oxidation and cosubstrate (O2 or H2O2), the copper ion in
the active site of the LPMO binds an activated oxygen species
which is the active component in the oxidation.14,19,20 The
exact nature of the activated oxygen species involved in LPMO
catalysis still remains unresolved and is widely discussed.
Interestingly, emerging evidence has shown that when LPMOs
of the family AA9 use H2O2 as the cosubstrate, a Cu-tyrosyl
radical can be formed which possibly serves to protect the
protein-active site from inactivation during uncoupled turnover.21,22 If no carbohydrate substrate is present, LPMOs are
known to perform a “futile cycle”, producing H2O2, which can
eventually inactivate the enzyme due to oxidative damage to
the copper-coordinating histidines at the active site.14,23 As
part of the catalytic cycle, an external electron donor is needed
to reduce the copper at the active site from Cu2+ to Cu+, which
can be from a wide range of sources ranging from phenolic
compounds to organic acids and has been found to have a
strong impact on the reactivity of LPMOs.24,25 Harnessing the
energy of the sun to drive such biochemical processes is an
intriguing concept that opens up a wide range of perspectives
for future biotechnological applications, possibly expanding the
use of LPMOs into areas other than cellulosic biofuels.26
However, due to the high optical density of lignocellulose
substrates as well as potential damage to the enzymes from
excessive ROS formation, eﬀective continuous application of
light in current reactor designs imposes a challenge. Therefore,
alternative reactor designs or methods for light applications
may be necessary. With the aim of optimizing light delivery, we
investigated the eﬀect of constant and intermittent illumination
on light-driven LPMO-catalyzed oxidation of cellulose
substrates and how this aﬀects the level of cellulose oxidation
and the formation of H2O2 within the system. Our results
provide a basis upon which novel photobioreactors for biomass
oxidation can be designed.

■
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EXPERIMENTAL SECTION

LPMO Puriﬁcation and Copper Loading. Thielavia terrestris
LPMO (TtAA9, previously TtGH61) was provided as a broth from
Novozymes A/S (Denmark). In order to achieve full copper loading
of the enzyme, the TtAA9 was saturated with Cu(I) chloride under
anaerobic conditions and on ice for 2 h.
This preparation was then ﬁltered and subsequently injected into
an Ä KTA chromatography system (Amersham Pharmacia Biotech,
Sweden) equipped with a Hiload 26/60 Superdex 75 prep grade
column (Pharmacia Biotech) and equilibrated with 20 mM MOPS
buﬀer (pH 7.0). HoloTtAA9 (i.e., copper-loaded TtAA9 and hereafter
TtAA9) eluted in a single peak using 20 mM MOPS buﬀer (pH 7.0)
with a ﬂow rate of 1 mL min−1. The single peak fractions were then
combined and concentrated with an Amicon Ultra-15 centrifugal ﬁlter
(3 kDa, Merck Millipore Ltd. Ireland) and kept at 4 °C until further
use. The purity of the HoloTtAA9 preparation was tested for by
sodium dodecyl sulfate-polyacrylamide gel electrophoresis (SDSPAGE) with a mini-PROTEAN TGX precast gel from Bio-Rad
Laboratories with a gradient of 4%−15%. The protein bands were
stained with Coomassie blue, and the mass was determined by
Precision Plus Protein Standards.
To determine the copper content of the TtAA9, high resolution
inductively coupled plasma-MS (ICP-MS) was used (Aurora M90
ICP-MS system Bruker, Germany), and the corresponding data were
collected using Bruker Quantum software. Optimization parameters
for plasma ﬂow, auxiliary ﬂow, sheath gas and nebulizer ﬂow were
16.5, 2.0, 0.2, and 1.0 L min−1, respectively.
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the washing steps, while more hydrophobic amino acids such as
histidine, lysine, arginine, tyrosine, and tryptophan were quantiﬁed in
the eluted extracts.
Parent amino acids were quantiﬁed by ESI LC-MS in the positive
ion mode using a Bruker Impact HD II mass spectrometer. Samples
were separated by gradient elution using an Imtakt Intrada Amino
Acid 100 mm × 3.0 mm column using acetonitrile/formic acid
(Solvent A; 99.7/0.3) and acetonitrile/100 mM ammonium formate
(Solvent B; 20/80). The elution was initiated at 20% B for 4 min,
followed by gradient elution from 20% to 100% B over 10 min, 100%
B over 2 min, before decreasing to 20% B over 2 min and reequilibration at 20% B for 2 min. The electrospray needle was held at
4500 V with end plate oﬀset of 500 V and a temperature of 350 °C.
Nitrogen gas was used for both the nebulizer (2 bar) and as the dry
gas (11 L min−1). The amino acid standard curves were generated
with a concentration range of 2−500 pmol loaded onto the column,
with the internal standards maintained at a loading of 100 pmol.
Standards were prepared in 0.1% formic acid in H2O. Spectra were
collected in MS1 mode and quantiﬁcation performed on extracted ion
chromatograms, e.g., histidine (m/z = 156.0773 ± 0.01) and [13C6,
15N3] histidine (m/z = 165.0883 ± 0.01). The mix of isotopically
labeled standards (MSK-A2−1.2) was purchased from Cambridge
Isotope Laboratories. All solvents were LCMS grade (VWR).
Standard curves ranging from 2 to 1000 pmol native His yielded a
linear correlation with R2 = 0.9975.
LPMO Binding Measurements. Avicel suspensions in 100 mM
citrate buﬀer pH 6.0 were added to a 96-well microtiter plate in
varying ﬁnal loads between 0 and 150 g L−1. The samples were
incubated with 600 nM TtAA9 and 2 mM ascorbic acid in an
Eppendorf Thermomixer at 800 rpm for an hour at 50 °C. The
samples were subsequently centrifuged for 3 min at 3000 rpm, and
100 μL of the supernatant was added to a black 96-well microtiter
plate. The protein concentrations of unbound TtAA9 in the samples
were determined by intrinsic ﬂuorescence at 345 nm in a plate reader
(Molecular Devices SpectraMax i3) using an excitation wavelength of
280 nm. Standard curves ranged from 0 to 600 nM TtAA9, with 2
mM ascorbic acid in 100 mM citrate buﬀer pH 6.0 yielded a linear
correlation with an R2 value of 0.989. All experiments were performed
in triplicates.
High Performance Anion-Exchange Chromatography
(HPAEC) Analysis and Quantiﬁcation of Products. After each
LPMO activity assay, the samples were diluted in 50 mM sodiumcitrate buﬀer (pH 5.0), vortexed, and then centrifuged at 13,000 rpm
for 3 min. The supernatant was transferred into a fresh tube and
divided into two fractions for either direct high performance anionexchange chromatography (HPAEC) analysis or subsequent hydrolysis by a beta-glucosidase from Aspergillus niger (Megazyme, Ireland)
for the quantiﬁcation of the C1-speciﬁc LPMO oxidation product, i.e.,
gluconic acid by HPAEC analysis as described by Keller et al.29
The measurement of polysaccharide oligomers by HPAEC was
performed on an ICS 5000+ system, equipped with a PAD detector
(Thermo Scientiﬁc), a CarboPac PA1 column (2 mm × 50 mm guard
column, an additional NG1 guard column, and followed by a 2 mm ×
250 mm analytical column), and operated at a ﬂow of 0.25 mL min−1
at 30 °C. Chromatographic analysis of aldonic acid was conducted as
described by Westereng et al.30 The elution involved a linear gradient
from 100% A:0% B to 90% A:10% B (10 min), followed by an
exponential gradient to 70% A:30% B (15 min), and last an
exponential gradient to 100% B (5 min). After that, a linear gradient
was applied for 15 min at the initial conditions of 100% A:0% B
(eluent A: 0.1 M NaOH, eluent B: 0.1 M NaOH and 1 M NaOAc).
The cellulose oligomers in the chromatograms are assigned according
to the elution time of commercially available nonoxidized
oligosaccharide standards and oxidized standards generated by a
base-catalyzed oxidation reaction with iodine, using the approach
described elsewhere for cellobiose.31 The data presented here are the
average of three replicates unless otherwise stated. The statistical
analyses to determine signiﬁcant diﬀerences between the means of
incubations were performed by one-way ANOVA in combination
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with Tukey’s HSD posthoc test for multiple comparisons. Diﬀerences
were deemed signiﬁcant for p-values < 0.05.
Oxygen Measurements. The oxygen consumption was measured at room temperature with a Chlorolab 2 System (Hansatech,
England), with an oxygen sensor mounted at the bottom of a sealed
reaction chamber. The content of the reaction chamber (1.5 mL) was
stirred by a magnet and was equipped with a window for light
exposure. The incubations consisted of 2 mM ascorbic acid, 0.8 mM
chlorophyllin in a citrate buﬀer (100 mM, pH 6.0), and for
comparison, TtAA9 (2 μM) and 0.5% w/v PASC were added,
resembling the light-activated LPMO system (full assay). The
reactants were added from the start, and the subsequent oxygen
consumption measurements were detected in nmol ml−1 and
monitored for 30 min. Constant illumination was provided with an
intensity of 200 μmol photons m−2 s−1 (625 nm). The catalasecoupled H2O2 detection assay was performed as the oxygen
consumption measurements except for the addition of catalase after
30 min of incubation. Upon catalase addition, the oxygen evolution
was measured and compared to a hydrogen peroxide/oxygen
evolution standard curve to calculate the amount of free H2O2 in
the incubations.
It is important to note that using the 10 s min−1 illumination cycle
the oxygen chamber had to be entirely ﬁlled with sample and sealed to
avoid oxygen diﬀusion into the chamber during the measurements in
order to detect any oxygen consumption (data not shown).
Experimental Conditions (Photobiocatalysis). Unless otherwise stated, all photobiocatalytic incubations were composed of 0.8
mM chlorophyllin, 2 mM ascorbic acid, 2 μM puriﬁed and copper
saturated TtAA9 in 100 mM citric acid buﬀer (pH 6.0), a reaction
volume of 300 μL, and incubated in reaction tubes at 50 °C on a
thermomixer at 600 rpm illuminated from the top with white LEDs
(200 μmol photons m−2 s−1).
For PASC, the substrate loading was 0.5% (w/v). Microcrystalline
cellulose (Avicel) was applied in various substrate loadings 0.1%−15%
(w/v), and for cellulose nanoﬁbrils, 0.25% (w/v) was used (unless
stated otherwise).
The incubation time was 3 h except for time-course experiments.
For all experiments, 200 μmol photons m−2 s−1 from white LEDs were
used for illumination of the samples. The spectral output of the white
LEDs can be found in the Supporting Information (Figure S1).
Illumination was either continuous or intermittent. Intermittent
illumination consisted of a sequence of periods with (1 or 10 s) and
without (59 or 50 s) illumination, which are indicated as 1 and 10 s/
min, respectively.
Optical Spectroscopy. Optical transmittance spectra were
measured on a SpectraMax i3 plate reader (Molecular Devices)
with spectral fusion illumination and a horizontal optical path length
of 1 cm using 96-well plates. Samples were vigorously mixed
immediately before the recording of each spectrum.

■

RESULTS AND DISCUSSION
In this study, we investigated the eﬀect of intermittent
illumination, as opposed to constant illumination, in a lightdriven system for LPMO catalysis. This has the potential to
increase the robustness of light-driven enzyme catalysis by
reducing formation of ROS in the system as well as to advance
the design of photobioreactors. We used a C1-oxidizing LPMO
from Thielavia terrestris (TtAA9) in combination with the
chlorophyllin/ascorbic acid system11 activated by either
intermittent light (10 or 1 s/min illumination cycles) or
constant light. The carbohydrate substrates were phosphoric
acid-swollen cellulose (PASC), microcrystalline cellulose
(Avicel), and cellulose nanoﬁbrils (CNF), and their oxidation
products were analyzed and quantiﬁed by HPAEC-PAD. We
ultimately show that it is possible to reduce illumination time
up to 60-fold while still maintaining similar polysaccharide
oxidation levels.
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Figure 1. PASC oxidation and product formation by light-driven LPMO catalysis. Here, 0.5% PASC was incubated for 3 h with constant, 10 s/min,
and 1 s/min illumination under standard light-driven reaction conditions (0.8 mM chlorophyllin, 2 mM ascorbic acid, 2 μM TtAA9, in 100 mM
citrate buﬀer (pH 6.0), 200 μmol photons m−2 s−1, 50 °C, and 600 rpm). In addition, a control reaction was performed of the same composition
but in the dark and omitting chlorophyllin (LPMO control). (A) HPAEC-PAD chromatograms after incubations under diﬀerent light regimes: 1 s/
min (dashed light gray line), 10 s/min (dashed black line), constant light (solid black line), and LPMO control (red line). The peaks were
annotated according to the retention time of oxidized oligosaccharide standards. C2ox, cellobionic acid; C3ox, cellotrionic acid; C4ox,
cellotetraonic acid; C5ox, cellopentaonic acid; C6ox, cellohexaonic acid. (B) Gluconic acid quantiﬁcation of soluble fraction. Illumination was
constant (black), 10 s light min−1 (dark gray), or 1 s light min−1 (white). The LPMO control was incubated in the dark and omitted chlorophyllin
(light gray). The error bars represent the standard deviation of six sample replicates. ∗∗∗∗ indicates signiﬁcant diﬀerences.

Intermittent Light Cycles Dramatically Reduce Energy Input in Light-Driven LPMO Reactions. To initially
investigate the eﬀect of intermittent illumination, PASC was
used as an easily accessible substrate, i.e., a substrate with low
recalcitrance, in order to minimize the inﬂuence of noncatalytic
side reactions (e.g., futile cycle).23 We incubated PASC for 3 h
and exposed the photobiocatalytic system to either constant or
intermittent illumination (both 10 and 1 s/min), and as an
activity control, we incubated samples of the same composition
but without photosensitizer in the dark. Surprisingly, the
analysis of the reaction products by HPAEC-PAD showed no
visible diﬀerence in the chromatograms between constant, 10
s/min, and 1 s/min illumination (Figure 1A). The subsequent
quantiﬁcation of released and soluble oligosaccharides
supported this observation. The average gluconic acid
(GlcA) formation was not signiﬁcantly diﬀerent with constant
(166 mg L−1), 1 s/min (161 mg L−1), and 10 s/min (172 mg
L−1) illumination but was signiﬁcant compared to the dark
control (94 mg L−1) (Figure 1B). The diﬀerence between light
and dark incubations was further investigated in an additional
experiment which revealed that using the light-driven LPMO
assay on PASC the LPMO enzyme load could be reduced 4fold to reach the same GlcA concentration compared to the
ascorbic acid-driven LPMO reaction (Figure S2).
Overall, the results demonstrate that light-driven LPMO
catalysis with intermittent illumination can eﬃciently oxidize a
highly amorphous cellulosic substrate, such as PASC, with
reduced light input. It is important to note that the hereapplied light intensities are several orders of magnitude lower
compared to the light intensities reported in a recent study.13
The possibility to drastically reduce the light input in this lightdriven system without reducing the biocatalytic outcome
underlines the importance of carefully controlling the
illumination input in order to ensure LPMO-speciﬁc catalysis
to avoid ROS-mediated side reactions and noncontrolled
photochemical reactions, e.g., photodegradation of the applied
photosensitizers, that are likely to occur under high-light

conditions. Furthermore, the capacity to achieve a signiﬁcant
enhancement of LPMO catalysis with minimal light input may
be a beneﬁt toward the design of photobioreactors, where
shading, light scattering, and absorption by nonphotosensitizing molecules reduce the light available to drive photobiocatalytic reactions.
Extended Illumination Is Required to Eﬃciently
Oxidize Higher Avicel Loadings. To elucidate the inﬂuence
of substrate recalcitrance and substrate loading, microcrystalline cellulose (Avicel) ranging from 10 to 150 g L−1 was
incubated for 3 h with the light-driven LPMO assay with 1 s/
min, 10 s/min, and constant illumination (Figure 2). At low

Figure 2. Light-driven LPMO catalysis for the oxidation of
microcrystalline cellulose at various loadings. Microcrystalline
cellulose (Avicel) was applied at substrate loadings ranging from 10
to 150 g L−1 and incubated under standard conditions (0.8 mM
chlorophyllin, 2 mM ascorbic acid, 2 μM TtAA9, in 100 mM citrate
buﬀer (pH 6.0), 3 h, 200 μmol photons m−2 s−1, 50 °C, and 600
rpm). Illumination was constant (black), 10 s light min−1 (dark gray),
or 1 s light min−1 (white). The error bars represent the standard
deviation of three replicates.
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substrate loadings (10 and 25 g L−1), 1 s/min illumination
yielded a signiﬁcantly higher GlcA concentration than 10 s/
min illumination or constant light (Figure 2). At 50 g L−1
Avicel, the GlcA yield was almost equal for the 1 and 10 s/min
illuminations (266 and 274 mg L−1 GlcA, respectively) but
signiﬁcantly lower under constant illumination (128 mg L−1
GlcA). Raising the substrate loadings further (to 75 g L−1)
increased the GlcA yield for 10 s/min and constant
illumination with signiﬁcant diﬀerences between the two,
with the highest level of GlcA for 10 s/min, but the yield
decreased for 1 s/min illumination. At substrate loadings of
100 and 150 g L−1 (w/v), the GlcA yield was signiﬁcantly
higher under constant illumination, with a small decrease for
the 10 s/min-cycle and a larger decrease for 1 s/min.
These results suggest a correlation between substrate loading
and optimal illumination time for maximum substrate
oxidation; that is, with increasing substrate loadings, a longer
illumination time is needed to maximize the product yield. At
substrate loadings up to 50 g L−1 Avicel, a 60-fold reduced
illumination time (1 s/min) was the most eﬃcient to drive
LPMO catalysis, yielding 8-fold more product compared to
constant illumination at 25 g L−1. However, increasing the
substrate load further to 75 g L−1 Avicel showed that an
extended illumination time (10 s/min) was required to
generate higher product concentrations, and at the highest
substrate loadings (100 and 150 g L−1 Avicel), constant
illumination was needed to maximize the product yield.
The requirement for longer illumination times with
increasing substrate loadings may be explained by diminished
light penetration into the system and light absorption by the
photosensitizer. With increasing Avicel loadings, light transmittance rapidly decreased from 50% at 1 g L−1 (w/v) to 0.6%
at 100 g L−1 (w/v) (Figure S3). The shape of the
transmittance spectrum indicates that the transmittance loss
is mainly due to scattering and not due to absorbance of light
by the substrate (note that the substrate particle size is
approximately 50 μm). To some degree, the scattering will be
directed outward of the sample which will inevitably reduce the
amount of absorbed light by the photosensitizer. Therefore, in
order to achieve an equal amount of light absorption (and
hence product yield), it is necessary to steadily extend the
illumination time with increasing substrate loadings of
microcrystalline cellulose.
In contrast, extended illumination at lower substrate
loadings reduces product yield. This may be due to a reduced
ratio of substrate bound to unbound enzyme at lower substrate
loadings, with substrate saturation occurring at higher loadings
(Figure S4). Previous studies have suggested that unbound
LPMOs are more susceptible to H2O2 inactivation; however, as
we detail in the Protein Oxidation Measurements section,
LPMO inactivation is most likely not occurring in our system.
Another possible explanation is that at lower substrate loadings
there is a less productive usage of the H2O2 present in the
system. H2O2 can react rapidly with ascorbic acid leading to a
depletion of reductant and, consequentially, lower levels of
product formation per molecule of H2O2.32
Time-Resolved Cellulose Oxidation Measurements
Reveal Limitations of the Light-Driven System. As
previously discussed, we observed equal levels of PASC
oxidation after 3 h with constant light and intermittent light
(Figure 1). However, endpoint determination of light-driven
LPMO catalysis does not necessarily allow identiﬁcation of the
limiting factors of the light-driven LPMO reaction. Therefore,
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we investigated cellulose oxidation at earlier stages during
incubation and in time-resolved measurements over a 5 h
period. PASC is widely used as a cellulosic model substrate;
however, its less recalcitrant nature diﬀers substantially from
the native cellulose structure. Therefore, in the following
experiments, we applied cellulose nanoﬁbrils (CNF) comprising ﬁbrillary structures with crystalline and amorphous regions
intact.33 Due to its colloidal properties, the aqueous suspension
of CNF has high optical transparency.
The oxidation of CNF showed a rapid increase in GlcA with
constant illumination within the ﬁrst 30 min (56 mg L−1)
which remained unchanged throughout the course of the
experiment (Figure 3). In comparison, after 30 min, the

Figure 3. Time-resolved oxidation of cellulose nanoﬁbrils by lightdriven LPMO catalysis. Here, 0.25% (w/v) cellulose nanoﬁbrils were
incubated for 5 h under standard conditions (0.8 mM chlorophyllin, 2
mM ascorbic acid, 2 μM TtAA9, in 100 mM citrate buﬀer (pH 6.0),
200 μmol photons m−2 s−1, 50 °C, and 600 rpm). Illumination was
constant (black), 10 s light min−1 (dark gray), or 1 s light min−1
(white). Error bars represent the standard deviation of three
replicates.

incubations with intermittent illumination reached 23 mg L−1
(1 s/min) and 49 mg L−1 (10 s/min). The diﬀerence between
constant illumination and 10 s/min after 30 min of incubation
was not signiﬁcant. Subsequently, levels of GlcA under
intermittent light illumination continuously increased with
the 10 s/min cycle surpassing constant illumination after 60
min and the 1 s/min cycle after 90 min. The 10 s/min
illumination cycle reached a plateau after 120 min with twice as
much GlcA as with constant illumination. The 1 s/min
illumination cycle reached levels of GlcA comparable to the 10
s/min cycle after 180 min, with 99 mg L−1 GlcA, and with no
signiﬁcant increase in the remaining 2 h.
The results show that with constant illumination the
majority of products are formed within the ﬁrst 30 min, thus
suggesting a limitation of the light-driven LPMO system when
constant illumination is applied. Meanwhile, almost equal
amounts of GlcA were formed with a 6-fold reduced
illumination time (10 s/min) after 30 min. Overall, the total
amount of GlcA formed under intermittent illumination was 2fold higher than under constant illumination. Therefore, it is
unlikely that substrate limitation can explain the early
termination of the reaction with constant light. An alternative
explanation arises if one interprets the LPMO activity as being
H2O2 dependent. Lower light intensities will naturally lead to
less H2O2 formation and, thus, a slower reaction. However, as
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evolution assay to quantify free H2O2. After 30 min incubation
in the oxygen chamber and upon addition of catalase, the O2
evolution was detected and compared to the overshoot in
H2O2 standard solutions. The O2 overshoot and the amount of
H2O2 showed a linear correlation (Figure 4B inset); therefore,
this setup was used to estimate H2O2 generation in the lightdriven LPMO system. After 30 min of constant illumination,
the H2O2 concentration was approximately 113 μM (no
substrate, no LPMO) and 24 μM (full assay). After 30 min
under a 10 s/min illumination cycle, the concentration was
lower in both conditions (49 and 7 μM, respectively). These
results suggest that in the absence of LPMO and substrate
H2O2 is formed eﬃciently via an interaction between the
photosensitizer and the reductant and accumulates in the
system. The lower levels of H2O2 in the presence of LPMO
and substrate indicate enzymatic consumption of H2O2 that
drives the reaction which is in contrast to previous ﬁndings.35
The diﬀerence in consumption rates between constant
illumination and the 10 s/min illumination cycle suggests
that in constant illumination there could be an additional,
nonproductive, H2O2 sink. As discussed above, when in excess,
H2O2 can be deleterious to the reactions by inactivating the
enzyme or depleting the pool of reductant. To address these
possibilities, we ﬁrst quantiﬁed enzyme oxidation under our
reaction conditions.
Protein Oxidation Measurements Do Not Suggest
Substantial Oxidative Damage. In continuation of the
previous experiments, we measured oxidation of TtAA9 to
evaluate the degree of putative inactivation due to oxidative
modiﬁcations of amino acids and whether such modiﬁcations
could explain the cessation of cellulose oxidation after 30 min.
To this end, samples containing LPMO, ascorbic acid, and
chlorophyllin were incubated for 30 min with and without
substrate under constant and intermittent illumination, and
protein oxidation was subsequently measured by mass
spectrometry.
TtAA9 contains four histidine residues with three of these in
proximity to the copper-active site and one near the protein
surface (Figure 5A). It has previously been shown that the
histidine residues at the copper-active site are hotspots for
oxidative modiﬁcations when interacting with H2O2.14
However, when compared to nonincubated enzyme controls,
we were unable to detect any signiﬁcant diﬀerence in histidine
oxidation, or any other amino acid analyzed, after 30 min
incubation under constant, 10 s/min, or 1 s/min illumination
(Figure 5B and Figure S5). While oxidative damage to LPMOs
may occur over the long term and hence decreases catalytic
eﬃciency via enzyme inactivation, this does not seem to be a
signiﬁcant process over the time frame of the experiments
conducted in this study, and oxidative enzyme inactivation
does not appear to account for the cessation of substrate
oxidation. These results are in contrast with recent work on
AA10 LPMOs where the enzyme is rapidly inactivated in the
present of excess H2O2.13,14 An explanation could be that,
upon the addition of H2O2, AA9 LPMOs form a Cu(II)-tyrosyl
radical21,22 which protects the active site from inactivation via
pathways described in previous reports.36,37 However, in AA10
LPMOs, the noncoordinating amino acid residue near the
active site is primarily a phenylalanine;38 therefore, this
protective mechanism may be absent.
Reductant Depletion Is the Most Likely Cause for
Early Cessation of Oxidation. As reported above, neither
substrate limitation nor protein oxidation appears, per se, to be

discussed above, this would have the beneﬁt of conserving the
pool of reductant in the system, allowing for a reaction with an
improved catalytic lifetime. To address this hypothesis, we
proceeded to investigate the oxygen consumption and H2O2
formation in the light-driven LPMO system.
Oxygen Consumption and Hydrogen Peroxide
Formation. H2O2 has been shown to inactivate LPMOs14
and is known to be formed by photoexcited chlorophyllin.34,35
Therefore, in order to understand the impact of H 2O2
formation in this light-driven system, we quantiﬁed H2O2
production. First, O2 consumption was measured with
intermittent (10 s/min) and constant illumination (Figure
4). As expected, intermittent illumination (10 s/min) reduced
the O2 consumption rates as compared to constant light
exposure (Figure 4A). In order to assess how much O2 is
converted to H2O2, we performed a catalase-coupled oxygen

Figure 4. Quantiﬁcation of free hydrogen peroxide in light-driven
LPMO catalysis. Samples were incubated in a closed oxygen chamber
with constant (CL) or intermittent light (10 s/min; SL) and a light
intensity of 200 μmol photons m−2 s−1 (625 nm). (A) Oxygen
consumption rate monitored for 30 min. (B) Quantiﬁcation of free
H2O2 in the system, determined by measuring the amount of released
oxygen upon addition of catalase (3.2 μg mL−1) after 30 min
incubation. As shown in the inset in panel (B), the free hydrogen
peroxide concentration present in the system showed a linear
relationship to the released oxygen after addition of catalase (standard
curve with 95% conﬁdence intervals, R2 = 0.9871). Full assay includes
0.8 mM chlorophyllin, 2 mM ascorbic acid, 0.5% PASC, and 2 μM
TtAA9 in 100 mM citrate buﬀer (pH 6.0). “No substrate no LPMO”
has the same composition but omits substrate and LPMO.
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experiments also employed a 2-fold increase in substrate
loading in order to avoid any substrate related limitations. At a
2 mM reductant concentration, the yield of GlcA was the same
for 30 and 60 min reactions (Figure 6, c.f. Figure 3). Adding an

Figure 6. Reductant addition experiments for the oxidation of
cellulose nanoﬁbrils (CNF). Cellulose nanoﬁbers (0.5% w/v) were
incubated under standard conditions (0.8 mM chlorophyllin, 2 mM
ascorbic acid, 2 μM TtAA9, in 100 mM citrate buﬀer (pH 6.0), 200
μmol photons m−2 s−1, 50 °C, and 600 rpm) with varying ascorbic
acid (AscA) concentrations and incubation times. Here, 2 mM AscA/
30 min (white), 2 mM AscA/60 min (light gray), 4 mM AscA/60 min
(dark gray), and 2×2 mM AscA/30 min (black). Error bars represent
the standard deviation of three replicates.

additional 2 mM reductant after 30 min resulted in a
signiﬁcantly higher GlcA level at 60 min, indicating that
indeed the reductant is limiting the reaction. This was
conﬁrmed by a 60 min assay with a one-time addition of a 4
mM reductant. Altogether, these data suggest it is likely that
the excess of H2O2 produced in constant illumination (Figure
4A) is rapidly depleting the pool of reductants, and this can be
alleviated by using an intermittent illumination.

Figure 5. Depiction and oxidative modiﬁcation of histidine residues in
TtAA9. (A) TtAA9 protein structures with highlighted histidine
residues (red) and monocopper in the active site (green). (B)
Oxidative modiﬁcations of the histidine residues incubated under
standard conditions (0.8 mM chlorophyllin, 2 mM ascorbic acid, 2
μM TtAA9, in 100 mM citrate buﬀer (pH 6.0), 200 μmol photons
m−2 s−1, 50 °C, and 600 rpm) with (+sub) and without substrate
(−sub) (0.25% CNF w/v) for 30 min and with diﬀerent illumination
cycles as indicated (1 s/min, 10 s/min, and constant light). Histidine
oxidation would appear as a reduction in native histidine content,
measured in pmol. Enzyme only refers to a control directly measured
from the used enzyme stock. All comp-sub refers to an enzyme
control to which all assay components except the substrate were
added, but the sample was not incubated. The structures were drawn
from 2yet.pdb, using VMD 1.9.3.40

■

CONCLUSIONS
Applying intermittent on/oﬀ illumination provides a means to
enhance LPMO photobiocatalysis with decreased energy input.
Importantly, characterization of the intermittent illumination
system demonstrated that the advantage is highest at relatively
low substrate loadings. Time-resolved measurements revealed
that the initial rate of cellulose oxidation was greater during
constant illumination as compared to the 1 s/min cycle, but
the diﬀerence was not signiﬁcant compared to a 6-fold reduced
illumination time (10 s/min cycle). However, the increased
initial rate of oxidation was not sustained, and the product
yield at later time points was higher with intermittent
illumination due to a cessation of product generation after
the ﬁrst 30 min of incubation in constant illumination.
Substrate limitation was excluded as a potential cause of the
termination of activity by comparing the constant (GlcA
plateau after 30 min) with intermittent light (higher GlcA
concentrations after 90 and 120 min). In addition, there were
no signiﬁcant oxidative modiﬁcations detected on the LPMO
after 30 min of incubation. Instead, we show that light-driven
LPMO catalysis ceases because of reductant depletion which
likely occurs due to a reaction with excess H2O2 in the system.
Overall, this underlines the importance of optimizing the
illumination process in photobiocatalytic LPMO systems to
balance the beneﬁcial and detrimental eﬀects of H2O2.13 This
can conserve the pool of necessary reductants and extend the

responsible for the cessation of cellulose oxidation after 30 min
under constant illumination. Therefore, limitations arising
from depletion of the reductant pool or the loss of
photosensitizer due to photobleaching were examined.
Chlorophyllin absorption spectra before and after light-driven
LPMO catalysis showed no detectable changes (Figure S6),
which suggests that photobleaching does not limit the reaction
as corroborated by the experiments with additional ascorbic
acid.
As ascorbic acid, used as a reductant in our system, can take
part in several reactions in this complex redox-active system
(e.g., reduction of the oxidized photosensitizer after electron
donation, quenching of the triplet state of the photosensitizer,
reduction of the Cu-active site to Cu-(I), formation and
scavenging of H2O2, and self-oxidation),39 depletion is a
plausible factor in limiting cellulose oxidation.
To test this hypothesis, we added additional ascorbic acid
throughout experiments with constant illumination. These
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lifetime of LPMO-driven cellulose oxidation. It should be
noted that the substrates tested here are not lignocellulosic
substrates. Lignin-rich substrates contain intrinsic reducing
power that will complicate the redox relationships in this
system.32 Therefore, further optimization will be needed to
move toward industrial application.
Nevertheless, these ﬁndings have important implications for
the development of continuous photobioreactor systems, as
they show a trade-oﬀ between the rate of LPMO catalysis and
depletion of reductant dependent on illumination time. Ideally,
reductants would be identiﬁed that are less prone to
nonproductive light-driven depletion. Additionally, these
reductants would preferentially be naturally available, small
molecule, electron donors, such as low-molecular weight
lignins. Furthermore, many relevant substrates scatter (and
absorb) light strongly, such that even continuous illumination
eﬀectively results in intermittent light exposure due to
ﬂuctuating internal shading within a photobioreactor and
nonproductive light absorption by other molecules than the
photosensitizers. Our observation that intermittent illumination can perform equally well or better than continuous light is
therefore crucial for such applications. It is furthermore
interesting to consider the use of a substrate circulation loop,
illuminated by either natural sunlight or LEDs powered by
renewable electricity, as a source of light for current biomass
reactors. This could be of particular value for substrates with a
higher degree of transparency or for photobiocatalytic systems
utilizing soluble substrates. Further experimental work will be
required to test the feasibility of such an approach and to
investigate whether or not light-driven LPMOs can be applied
to depolymerize lignocellulosic biomass.
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