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Plants are sessile organisms. To compensate for not being able to escape when challenged by unfavorable growth
conditions, pests or herbivores, plants have perfected their metabolic plasticity by having developed the capacity
for on demand synthesis of a plethora of phytochemicals to speciﬁcally respond to the challenges arising during
plant ontogeny. Key steps in the biosynthesis of phytochemicals are catalyzed by membrane-bound cytochrome
P450 enzymes which in plants constitute a superfamily. In planta, the P450s may be organized in dynamic
enzyme clusters (metabolons) and the genes encoding the P450s and other enzymes in a speciﬁc pathway
may be clustered. Metabolon formation facilitates transfer of substrates between sequential enzymes and
therefore enables the plant to channel the ﬂux of general metabolites towards biosynthesis of speciﬁc
phytochemicals. In the plant cell, compartmentalization of the operation of speciﬁc biosynthetic pathways in
specialized plastids serves to avoid undesired metabolic cross-talk and oﬀers distinct storage sites for molar
concentrations of speciﬁc phytochemicals. Liquid–liquid phase separation may lead to formation of dense
biomolecular condensates within the cytoplasm or vacuole allowing swift activation of the stored
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phytochemicals as required upon pest or herbivore attack. The molecular grid behind plant plasticity oﬀers an
endless reservoir of functional modules, which may be utilized as a synthetic biology tool-box for engineering

DOI: 10.1039/c8np00037a

of novel biological systems based on rational design principles. In this review, we highlight some of the
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concepts used by plants to coordinate biosynthesis and storage of phytochemicals.
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1

Introduction

Phytochemicals play a key role in plant defense, communication
and adaptation to abiotic and biotic stress. Derived from relatively few general metabolites, phytochemicals diversify into an
immense number of molecules through combinatorial enzyme
cascade reactions.1 With enzymatic precision, plants produce
complex phytochemicals with regio- and stereospecic functional
groups matching or outperforming modern day synthetic chemistry.2 Their biosynthesis oen involves assemblies of numerous
enzymes, many of which appear to have low substrate aﬃnity and
specicity when studied in vitro. However, in planta the metabolism may be highly channeled3,4 and tends to work more eﬃcient
than would be expected from the average cellular concentrations
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of the biosynthetic enzymes and their substrates.5,6 These serial
enzyme reactions require tight regulation to guide the metabolism in a highly crowded environment.7,8
In 1978 Charles Tanford wrote: “Biological organization may
be viewed as consisting of two stages: biosynthesis and
assembly”.9 In plants, this is achieved through spatial organization of biosynthetic enzymes and metabolites in compartments dictating metabolic ux into streamlined coordinated
highways.10,11 The classical view of compartments as clearly
separated entities conned by membranes is being challenged
with the advances of analytical tools with subcellular resolution.
Instead, a dynamic intracellular web of the endoplasmic reticulum (ER) interacting with cellular compartments and formation of local microcompartments governs the plasticity of plant
metabolism.12 Compartmentalization at the nanoscale level by
organization of enzymes in conned spaces at the membrane
surfaces13 or in membrane-less assemblies obtained by liquid–
liquid phase separation (LLPS)14 provides dynamic assemblies
necessary for metabolic adaptation.
In this review, we focus on new insights on plant compartmentalization and the dynamic solutions plants use to cope
with their sessile life style. We also discuss how compartmentalization may be used as a synthetic biology tool to optimize the
production of phytochemicals in heterologous hosts.

2 Dynamic assembly of biosynthetic
enzyme complexes
Biosynthesis of phytochemicals typically involves multiple
enzymatic steps, and spatial connement of biosynthetic
enzymes governs the formation of metabolic highways. Most
phytochemicals are products of biosynthetic pathways, in which
enzymes of the cytochrome P450 (P450) superfamily catalyze
one or more key steps.15 Microsomal P450 enzymes are tethered
to the ER via a single transmembrane anchor and thereby
conned to the two-dimensional membrane lattice. Stoichiometric imbalances between P450s and their oxidoreductase,
NADPH-dependent cytochrome P450 oxidoreductase (POR),
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ranges between 6 : 1 to 20 : 1,6,16–19 and the overall low abundance suggest that these enzymes possess features guiding
them towards specic preferential interactions thus circumventing bulk equilibrium.20–22 Metabolic channeling within
biosynthetic pathways may be achieved through organization of
enzymes in complexes, termed metabolons.23 Eﬃcient channeling requires close proximity (0.1–1 nm) between sequential
enzymes24 as achieved by protein–protein interactions. Consequently, metabolon assembly facilitates direct transfer of
substrates and products between sequential enzymes and
prevents leakage of potentially toxic and labile intermediates
and undesired metabolic cross talk. Dynamic assembly and
disassembly of metabolons oﬀer an opportunity for swi
adaption to meet environmental challenges such as fungal or
insect attack (Fig. 1). The on-demand organization of POR with
specic P450s would surpass the challenge of the stoichiometric imbalance between the enzymes.
2.1

Metabolons; the highways of plant metabolism

Biosynthetic pathways for phytochemical production in the
plant cell can be highly branched sharing a few common steps.
Assembly of sequential enzymes in metabolons provides a way
of orchestrating the metabolic grid by guiding the metabolites
towards a specic product. One key example is the phenylpropanoid pathway, which directs the production towards
monolignols used in lignin biosynthesis or towards bioactive
avonoids depending on the plant's need.6,25–27 The latter
pathway is further diﬀerentially divided into sub-branches with
diﬀerent end products such as vanilloids, isoavonoids, avonols, avones, anthocyanins etc.
Assembly of metabolons facilitate channeling of phenylalanine through the core phenylpropanoid pathway28 and further
downstream towards the monolignols,29 avonoids,25,26 sporopollenin branches27,30 and vanilloids such as vanillin glucoside
(Fig. 2). Formation of enzymatic complexes in the phenylpropanoid pathway was rst proposed in 1974.31 Early research
supported this hypothesis based on substrate channeling and
interactions between two enzymes in the core phenylpropanoid

Fig. 1 Illustration of the dynamic assembly and disassembly of the dhurrin metabolon. Metabolon assembly involves recruitment of the soluble
UGT to the ER-anchored P450s and POR and local accumulation of speciﬁc lipids resulting in biosynthesis of the insecticide dhurrin. Disassembly
of the dhurrin metabolon results in release of the antifungal oxime intermediate. Thus, a single pathway confers resistance towards speciﬁc
herbivores and pests governed by the dynamic assembly of enzymes in metabolons.
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Schematic representation of dhurrin biosynthesis (left) derived from the aromatic amino acid tyrosine and phenylpropanoid biosynthesis
derived from the aromatic amino acid phenylalanine. The core phenylpropanoid pathway branches out into a metabolic grid of downstream
pathways leading to the production of e.g. ﬂavonoids and stilbenes and monomeric units as building blocks for plant polymers. Selected
phenylpropanoid branches discussed in the main text are presented. P450 enzymes are colored in orange and other enzymes are colored in
green. Abbreviations: C30 H, p-coumaroylshikimate 30 -hydroxylase (CYP98A); C4H, cinnamate-4-hydroxylase (CYP73A); CHI, chalcone
isomerase; CHR, chalcone reductase; CHS, chalcone synthase, 4CL, 4-coumaric acid CoA ligase; F3H, ﬂavanone 3-hydroxylase; F30 H,
ﬂavonoid 30 hydroxylase (CYP75B); FNSII, ﬂavone synthase II (CYP93B); HCT, hydroxycinnamoyl transferase; IFS, isoﬂavone synthase; PAL,
phenylalanine lyase; VAN, vanillin synthase. Broken arrows indicate multistep enzymatic reactions. Box around vanillin glucoside indicates
compartmentalization.
Fig. 2

pathway, cinnamate-4-hydroxylase (C4H, CYP73A) and phenylalanine ammonia-lyase (PAL)32 (Fig. 2) and interaction between
soluble members in downstream branches, for reviews on this
topic see ref. 4, 5, 33 and 34.
The mechanisms governing the assembly of metabolons
remains largely elusive. However, recent publications support
the role of P450s to recruit soluble pathway partners and to
serve as nucleation sites for metabolon assembly.6,25,26,29,35 For
example, co-expression of the arabidopsis (Arabidopsis thaliana)
lignin biosynthetic enzyme p-coumaroylshikimate 30 -hydroxylase (AtC30 H, CYP83A3) with hydroxycinnamoyl transferase
(AtHCT) or 4-coumaric acid CoA ligase (At4-CL) in Nicotiana
benthamiana shied localization of the soluble AtHCT and At4CL towards the ER.29 Localization of the soluble enzymes was
less eﬀected by AtC4H (CYP73A5), however, association between
AtC4H and AtHCT was increased when AtC30 H and At4-CL were
co-expressed indicating that the presence of more downstream
partners stimulates the assembly of the core phenylpropanoid
pathway enzymes. In isoavonoid biosynthesis in soybean
(Glycine max), chalcone isomerase (GmCHI) and chalcone synthase (GmCHS) were shown to interact with the isoavone
synthase (GmIFS, CYP93C) on the surface of the ER.25,36

This journal is © The Royal Society of Chemistry 2018

Chalcone reductase (GmCHR) only interacted with one of the
two IFS homologs25 pointing to isoform preference as
a controlling factor for metabolon formation. In the branch
leading to avones in the metabolic grid of snapdragon (Antirrhinum majus) avonoids, AmCHI and AmCHS were found to
interact with avone synthase II (AmFNSII, CYP93B) on the ER.
In the competing branch for anthocyanin production, avonoid
30 -hydroxylase (AmF30 H, CYP75B) was also found to interact
with the upstream AmCHI.26 During ower development, accumulation of avones takes oﬀ before accumulation of anthocyanins in petals and thereaer both avonoid classes
accumulate.26 How the avonoid precursors are diﬀerentially
divided into the two co-occurring branches remains elusive. Yet,
it is likely that formation of metabolons plays a key role in
guiding and controlling the phytochemical prole.
Assembly of biosynthetic pathways into metabolons is not
restricted to the phenylpropanoids. Metabolon formation of the
biosynthetic enzymes catalyzing production of the defense
compound dhurrin in sorghum (Sorghum bicolor) has been
studied for decades. In sorghum, dhurrin is synthesized from Ltyrosine by the sequential action of two P450s (CYP79A1 and
CYP71E1), POR20–22,37–40 and a soluble UDP-glucose dependent
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glucosyltransferase (UGT85B1)41–48 (Fig. 1). Early studies in the
1980s using sorghum microsomes showed tight channeling of
intermediates in dhurrin biosynthesis.3,49 The pathway has been
studied intensively since then and in 2016 isolation of the
dhurrin metabolon was reported together with functional and
structural characteristics of the complex.6 Finally, the role of
P450s in the assembly of metabolons has also been implied in
the biosynthesis of carotenoids.50

2.2

Organization and dynamics of metabolons

The dynamic nature of transient metabolons makes it diﬃcult to
document their existence as illustrated by the many years of
research on metabolon formation in the biosynthesis of phenylpropanoids and cyanogenic glucosides e.g. dhurrin. Much
research on metabolons, especially in the metabolic grid of phenylpropanoids, has focused mainly on co-localization and binary
interactions between enzymes. This has been studied using
experimental systems such as the yeast-two-hybrid or splitubiquitin versions, bimolecular uorescence complementation
(BiFC), uorescence (Förster) resonance energy transfer (FRET)
and co-immunoprecipitation (Co-IP). The latter is sometimes
combined with proteomics to investigate additional interaction
partners. Less is known about factors stimulating assembly of
enzymes, ow of metabolites and organization of these dynamic
complexes with diﬀerent congurations. Some insight on the
structural organization and regulation of metabolons has transpired in the recent years and future advances in molecular technologies will allow for more detailed knowledge on this subject.
Advances in FRET-based techniques and instrumentation
provide more robust data on protein–protein interactions by
reducing the number of false positives51 and provide comprehensive knowledge about the organization of the proteins under
investigation. Organization of the dhurrin biosynthetic
enzymes in planta has been studied using uorescence correlation spectroscopy (FCS) and FRET upon transient expression
in N. benthamiana.6 CYP79A1, CYP71E1 and UGT85B1 were
found to form Homo- and hetero-oligomerization, with an
enhancement of UGT85B1 oligomerization when CYP79A1 or
CYP71E1 was co-expressed. Homo- and hetero-oligomers of
P450s is also known from the lignin pathway in arabidopsis and
poplar (Populus trichocarpa),29,52 and might be a more general
feature of P450-containing metabolons.
Assembly of sequential enzymes in metabolons serves to
guide the direction and ux of metabolites. Interaction with
downstream soluble pathway partners may have a positive eﬀect
on enzyme catalysis. In the dhurrin metabolon, recruitment of
the soluble UGT85B1 to the P450s stimulated the channeling
between CYP79A1 and CYP71E1, even in the absence of its UDPglucose cofactor.6 Interaction between P450s may also promote
catalytic activity. Biosynthesis of the carotenoid lutein in
Escherichia coli catalyzed by CYP97C required co-expression of
CYP97A, indicating a synergistic interaction between the two
P450s, which are chloroplast-localized in plants.53
Metabolons are stabilized by weak protein–protein interactions, which has prevented their isolation by use of classical
detergents because application of such detergents results in
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dissociation of the enzyme complexes. Alternatives to detergents hold promise for isolation of metabolons. A co-polymer of
styrene and maleic acid (SMA), which spontaneously inserts
into membranes and form discrete lipid particles (SMALPs),
was recently applied to isolate membrane-bound constituents
of the dhurrin metabolon.6 SMALPs were prepared from
sorghum microsomes and subjected to aﬃnity purication
using POR as bait resulting in an enrichment of both CYP79A1
and CYP71E1 in puried samples. The SMALP platform, in
combination with state-of-the-art methods such as single
particle cryo-electron microscopy (EM), are promising for
obtaining structural insight on the organization of metabolons.
Cryo-EM has shown potential to provide new structural insights
of challenging biological systems and the diﬀerent congurations there might exist with Ångström scale resolution.54 CryoEM has recently been combined with the SMALP technology
to study membrane proteins.55–57
The local lipid composition also plays a role in channeling
and possibly stimulating assembly of membrane-bound metabolon components such as P450s. Investigation of the lipid
composition of the SMALP puried dhurrin metabolons showed
an enrichment in lipids with the negatively charged PG headgroups compared to the total sorghum microsomal lipid extract
and intriguingly CYP71E1 was shown to exhibit higher catalytic
activity in liposomes with 20–30% negatively charged lipids.6 This
highlights the importance of studying biosynthetic metabolons
in a native-like lipid environment to further investigate the
presence of essential lipids associated with membrane-bound
metabolons. Advances in native mass spectrometry have made it
possible to analyze intact membrane-bound protein complexes
together with their associated lipids.58,59 This would enable direct
assessment of specic lipids associated with metabolons.
Other structural components of the ER membrane may also
inuence the organization of membrane-bound metabolon
members. In arabidopsis, specic membrane steroid-binding
proteins (MSBPs) interact with the phenylpropanoid P450
enzymes AtC4H, AtC30 H and ferulate/coniferaldehyde
5-hydroxylase (AtF5H, CYP84A1).60 The MSBPs were suggested
to organize and stabilize the P450s by serving as scaﬀolds for
P450 clustering and thereby be a controlling factor in guiding
the metabolism towards biosynthesis of monolignols. Noteworthy, MSBP proteins were also enriched in the puried
SMALPs from sorghum microsomes,6 but their possible
importance for the assembly of the dhurrin metabolon has not
yet been investigated. This illustrates how isolation of native
metabolons using the SMA based technology may disclose
involvement of previously unrecognized regulatory or structural
components.

2.3

Membrane dynamics shape phytochemical production

Intracellular compartments conned by a membrane oﬀer
specialized sites for biosynthesis and storage of cell constituents. The formation of compartments is a dynamic process
driven by self-assembly of biomolecules that, guided by thermodynamics, fold or assemble into their lowest energetic state.
Membranes are composed of lipids that self-assemble to form

This journal is © The Royal Society of Chemistry 2018
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a two-dimensional lattice stabilized by hydrophobic forces.
Theoretical calculations predict that entropic and enthalpic
eﬀects inuence the energy states during the transition from
monomeric lipids to bilayers, respectively.61 This means that
clusters larger than 1 nm may be stabilized as the dissolution
entropic eﬀects become weaker with increasing particle volume.
Cluster formation is concentration dependent, which indicates
that simply bringing molecules together may lead to demixing
or LLPS and formation of micro-domains. These eﬀects facilitate phase separation of cholesterol, sphingolipids and proteins
within the lipid bilayers and formation of functional microcompartments, lipid ras.62 Some mammalian P450 enzymes
have been proposed to organize in lipid ra-like structures.63 It
remains uncertain whether P450 enzymes involved in biosynthesis of phytochemicals are organized in a similar fashion.
In addition to the conning role, the membrane serves
specialized transport functions, including the import and sorting
of proteins and exchange of metabolites. Thus, membrane
barriers prevents undesired metabolic cross-talk. Nevertheless,
dynamic interplay between compartments is required to provide
the metabolic plasticity necessary to enable the plant to adapt to
environmental changes. For example, the C5 isoprene precursors
of mono- and diterpenoids are produced in the chloroplasts
through the MEP pathway,64,65 whereas decorations and functionalization is carried out at the cytosolic surface of the ER
membrane by the action of membrane-anchored P450 enzymes66
and cytosolic transferases. These processes may be connected
through dynamic ER networks bridging diﬀerent compartments
through specic protein interaction sites.12 Each compartment
presents distinct membrane contact sites with high specicity to
bring the membranes in close proximity and enable exchange of
metabolites and proteins.67,68 Accordingly, evolutionary distinct
pathways are stitched together by the ER giving rise to the
incredible chemical diversity found in plants. Thus, understanding the dynamics of the ER, interactions with other
compartments and formation of microcompartments would
enable further exploitation of the plant cell in production of
phytochemicals.

3 Classical compartments and
phytochemical dynamics
Besides formation of metabolic enzyme complexes, biosynthesis and storage of a vast range of phytochemicals involves
dynamic interplay between multiple subcellular compartments
and cell types.69,70 The involvement of diverse compartments in
phytochemical biosynthesis dictates that intracellular translocation must be highly regulated. Recent technological developments in cell fractionation, protein tagging, immunohistochemical analyses, advanced microscopic techniques and
mass spectrometry imaging (MSI) have shed light on the
intracellular compartmentalization of biosynthesis and storage
of phytochemicals. Here, we highlight how classical compartments are associated with dynamic phytochemical functions.
As the storage site of the cell's hereditary material, the nucleus
plays a key role in governing various cell functions including the

This journal is © The Royal Society of Chemistry 2018
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coordination of general and specialized metabolism. The
orchestration of the biosynthesis of phytochemicals proceeds
already at the chromosome level.71 Genes encoding enzymes
catalyzing the biosynthesis of several phytochemicals have
recently been shown to localize within specic gene clusters.
These include diﬀerent compound classes such as di- and triterpenoids (including saponins and steroidal alkaloids), benzylisoquinoline alkaloids, cyanogenic glucosides and benzoxazinoids.71–76 Specic examples of complex biosynthetic pathways
encoded by biosynthetic gene clusters are those for the alkaloids
thebaine and noscapine in opium poppy (Papaver somniferum).
Thebaine, a pentacyclic alkaloid readily converted to the narcotic
analgesics codeine and morphine, share a common intermediate
S-reticuline with the non-addictive benzylisoquinoline alkaloid
noscapine. The thebaine gene cluster is relatively simple encoding ve key biosynthetic enzymes, whereas the larger noscapine
gene cluster comprises ten genes encoding ve distinct enzyme
classes (including several P450s).74,77 Following transcription and
translation, nuclear encoded enzymes are oen targeted to the
desired compartment e.g. plastid localized enzymes encoded by
nuclear genes.78,79 This targeting and sorting of proteins are
governed by the ER, which through contact sites connects all
areas of the cell including the plastids and mitochondria.12,68
Although the mitochondria are ‘the power houses’ of the plant
cell providing chemical energy in the form of ATP and NADH,
and serve vital functions in the biosynthesis and storage of
phytochemicals in plants,80,81 in this review we focus on the
importance of the plastids in relation to phytochemical biosynthesis and storage as new knowledge has emerged.

3.1

Plastids for production and storage of phytochemicals

Plastids are truly dynamic compartments that diﬀerentiate in
response to stimuli and cellular metabolism. Chloroplasts are
the light-driven power unit of the plant cell catalyzing photosynthetic conversion of CO2 and solar energy to chemical
energy. The plant chloroplast is a large ellipsoid compartment
(about 5  10 mm) conned from the cytosol by an outer and
inner envelope and harboring an intricate thylakoid lamellar
system. The outer envelope contains porins and is therefore
freely permeable for small molecules while the inner envelope is
impermeable for ions and metabolites and thereby restricts the
free passage of molecules between the cytosol and the interior.82
The chloroplasts have a relatively small genome encoding 80–
100 proteins. Accordingly, the vast number of the 2500–3500
chloroplast localized proteins are nuclear encoded and translocated into the compartment.83 In general, nuclear encoded
chloroplast proteins are synthesized as precursor proteins with
cleavable N-terminal transit peptide that directs each protein to
its nal destination within the chloroplast sub-compartments.84,85 The chloroplast harbors enzyme systems catalyzing
biosynthesis of a remarkably diverse number of both general
metabolites and phytochemicals e.g. amino acids,86 fatty acids,87
lipids,88 plant hormones,89 vitamins,90 chlorophyll,91 major
diterpenes such as manoyl oxide, miltiradiene, ent-kaurene,
vitexifolin92–95 and the chloroplast-bound isoprenoids (b-carotene, lutein, prenyl chains of chlorophylls and plastoquinone-
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9). Most of these metabolites are vital for the general metabolism of the chloroplast and at diﬀerent stages of plant development where metabolites are released as signaling
components for plant growth and development or as defense
compounds against pathogens or herbivores.83
Chloroplasts are by far the most extensively studied plant
intracellular compartment due to its vital functionality, yet
chloroplast is only one out of a plethora of plastids generated by
undiﬀerentiated small proplastids (about 1 mm in diameter)
harboring only a few internal membranes and found in meristematic cells.82 The various forms of plastids are interconvertible into each other depending on cell and tissue type, plant
growth, development stage, and environmental conditions. The
numerous plant plastids each perform specialized functions,
such as photosynthesis, biosynthesis of amino acids and fatty
acids, storage of carbohydrates and lipids or biosynthesis and
storage of phytochemicals and thus play essential roles in plant
adaptation. The nal number of plastids within a cell and
regulatory mechanisms behind plastid biogenesis are far from
being understood.96 Here we try to give a short introduction to
the biogenesis of plastids and their specialized functions in
relation to biosynthesis of phytochemicals (Fig. 3), which has
recently been thoroughly reviewed.97–99
In meristematic cells, the proplastids are ready to diﬀerentiate into the diﬀerent plastids depending on the developmental
stage. Biosynthesis and storage of certain phytochemicals such
as carotenoids play a key role in this event. In darkness,
proplastids develop into etioplasts (Fig. 3). Upon exposure to
light, expression of carotenoid biosynthetic genes, PIFs and
HY5, results in a dramatic increase in carotenoid production
protecting the plastids from photo-oxidative damage during deetiolation of etioplasts100 and diﬀerentiation of etioplasts into
chloroplasts. This process is reversed by longer exposures to
darkness. Carotenoids are tetraterpenoids found in most plastids and play vital role in photoprotection throughout plant
development.101 In eshy fruits such as tomatoes, ripening is
associated with diﬀerentiation of green fruit chloroplasts into
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ripe fruit chromoplasts102–104 (Fig. 3). Chromoplasts are recognized by massive accumulation of carotenoid pigments that
give the red, orange and yellow colors to the plant structure.
Upon maturity, the concentration of carotenoids, stored in the
lipid-rich microcompartment called plastoglobuli, increases
and may result in the formation of carotenoid crystals.104–107
Some plant tissues such as seeds, tubers and leaves contain
other specialized plastids that function predominantly as
storage sites. As a main carbohydrate energy storage site,
amyloplasts prioritize the strong inux of carbon towards
biosynthesis of starch compared to carotenoids in chromoplasts. Both chromoplasts and amyloplasts can reversibly
diﬀerentiate into photosynthetic chloroplasts97–99 as exemplied by the greening of light exposed potato tubers (Fig. 3). In
addition to starch storage function, amyloplasts are also known
to play a role in the production of abscisic acid and carotenoids.108,109 In contrast, diﬀerentiation of proplastids, and not
chloroplasts, into elaioplasts and proteinoplasts is nonreversible (Fig. 3). Elaioplasts plays a key role in storage and
biosynthesis of lipids and oils including terpenoids, which in
citrus fruits are then exported into secretory pockets, greatly
aﬀecting the aroma and taste.110,111 Furthermore, elaioplasts are
also biosynthetic active plastids harboring the key upstream
enzymes of the 2-C-methyl-D-erythritol 4-phosphate (MEP)
pathway, which provides the precursors to synthesize monoand diterpenes. Proteinoplasts (or proteoplasts) are dened as
the site of protein and lipoprotein storage in the plant cell and
these plastids are neither known to encompass biosynthesis of
nor to act as storage sites for phytochemicals. The diversity of
plastids and their specialized roles in diﬀerent plant cell types
throughout plant development emphasizes the dynamics and
complexity of plant metabolism. In senescing leaves gerontoplasts are generated as the last ontogeny stage of chloroplasts (Fig. 3). These plastids no longer harbor functional DNA
as resources are recycled and redistributed within the plant.
How exactly the degradation of the thylakoid membrane

Diversity and diﬀerentiation of plastids depending on tissue type and developmental stages. Arrows indicate transitions between diﬀerent
plastid types. The proplastid is the progenitor plastid, point of diﬀerentiation, developing into either etioplast or chloroplast depending on
exposure to darkness or light, respectively. Proplastids are also able to develop into the intermediate plastid, the leucoplasts that may further
diﬀerentiate into either amylo-, proteino- or elaioplasts accumulating starch, proteins or oils, respectively. Chloroplasts can also further
diﬀerentiate depending on environmental stimuli and plant cell types into chromoplasts, phenyloplasts and the dying gerontoplast, in which
resources are recycled and redistributed. Chromoplast and phenyloplast accumulate phytochemicals such as carotenoids and phenylpropanoids, respectively.

Fig. 3

Nat. Prod. Rep.

This journal is © The Royal Society of Chemistry 2018

View Article Online

Open Access Article. Published on 16 October 2018. Downloaded on 11/8/2018 11:19:14 AM.
This article is licensed under a Creative Commons Attribution-NonCommercial 3.0 Unported Licence.

Review

systems occurs is not fully understood, but during degradation
more and bigger plastoglobuli are formed.112–115
Recent studies on re-diﬀerentiated chloroplasts demonstrated that these may serve as biosynthetic units as well as
storage site of phenylpropanoids. Based on studies in the vanilla
(Vanilla planifolia) pod that focused on their ability to accumulate vanillin glucoside, a phenylpropanoid derived defense
compound, these plastids were named phenyloplasts (Fig. 3).
The transition from chloroplasts to phenyloplasts proceeds by
a decline of photosynthetic capacity, thylakoid lamellae and
chlorophyll content paralleled by accumulation of high
concentrations of phenylpropanoid-derived glucosides.116,117 The
molecular mechanisms that trigger the re-diﬀerentiation from
chloroplast to phenyloplasts are currently unknown. The vanilla
pod is the prime plant source of vanillin and the site of vanillin
glucoside biosynthesis and storage.118–121 Recently, it was
demonstrated that vanillin is biosynthesized in the chloroplasts
and phenyloplasts by the enzyme VpVAN catalyzing the conversion of ferulic acid and its glucoside into vanillin and vanillin
glucoside, respectively (Fig. 4).121 Toxic vanillin is stored as its
non-toxic glucoside.122 Using multiple cell imaging approaches,
it was discovered that vanillin glucoside was progressively
accumulated in the inner volume of the phenyloplasts ultimately
lling the entire phenyloplast at pod maturity.117 Vanillin bglucosidase catalyzes hydrolysis of vanillin glucoside giving rise
to formation of vanillin. This enzyme was reported to localize in
the corona around re-diﬀerentiating chloroplasts, most likely in
the lumen between the inner and outer chloroplast
membranes.117 The spatial separation provides an eﬃcient twocomponent based defense system against herbivores. The
biosynthesis and storage of vanillin glucoside in phenyloplasts
may represent a classical case of sub-cellular sequestration of
phenolic compounds in specialized cellular compartments.
Using Raman spectroscopy imaging of cross-sections of etiolated
sorghum seedlings,123 the cyanogenic glucoside dhurrin was
found to localize in the apoplast or cytoplasm, in the latter case
most likely in phenyloplasts as previously suggested by Brillouet
et al. (2014) based on indirect histochemical data and electron
microscopy images.117,124 Storage of dhurrin in phenyloplasts
may have developed as a consequence of the chemical arms-race
leading to high intracellular concentration of phytochemicals,125
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which accumulate up to 30% of the dry weight in the tip of
etiolated sorghum seedlings corresponding to molar
concentrations.49,124,126

4 Formation of micro-compartments
by liquid–liquid phase separation
The ability of plants to biosynthesize and accumulate phytochemicals demonstrates an evolutionary advantage in the
continuous arms race to fend oﬀ predators and attract pollinators. The bioactivity and toxicity of many phytochemicals
make them targets for metabolic inactivation to prevent autotoxicity. Their safe storage oen involves spatial separation of
phytochemicals and hydrolyzing enzymes.127 In addition to
classical compartments, membrane-less microcompartments
assembled through LLPS present a more dynamic approach for
compartmentalization. Membrane-less compartments were
initially discovered in mammalian systems as Cajal bodies,128 P
granules129 and as the nucleolus in the nucleus.130 However, the
phenomenon of cytosolic demixing of small molecules is
becoming increasingly important in the understanding of how
cells organize their metabolism. Essentially, multivalent interactions of biomolecules drive the LLPS and formation of cytosolic functional condensates or droplet compartments.131 Such
droplets may be an additional approach for accumulation of
high concentrations of phytochemicals. The dynamic structures
of membrane-less compartments allow them to swily dissolve
upon environmental stimuli or tissue damage and therefore
provide increased functional plasticity as compared to more
rigid membrane conned compartments.132
4.1 Micro-compartments composed of natural deep eutectic
solvents (NADESs)?
Many phytochemicals are poorly soluble in the aqueous and
lipid phases. NAtural Deep Eutectic Solvents (NADESs) have
been proposed to constitute a third intracellular solvent
phase.133 NADES are composed of natural compounds including
main plant cell constituents such as sugars, amino acids,
choline and organic acids. When these crystalline components
are mixed in the right stoichiometric proportions, they form

Colocalization of VpVAN, the ﬁrst committed step in vanillin biosynthesis, in chloroplasts and phenyloplasts in 7-month-old Vanilla planifolia pods. Panel (A) shows light microscopy image of transverse section of the vanilla pod localizing chlorophyll containing green chloroplasts
(black arrows indicating selected chloroplasts). Panel (B) shows immunolocalization of VpVAN (in green) in either chloroplasts or phenyloplasts.
VpVAN was visualized by ﬂuorescence microscopy using speciﬁc antibodies raised against VpVAN. Panel (C) shows the localization of VpVAN in
chloroplasts (white arrows) and phenyloplasts (white stars) using ﬂuorescence microscopy ﬁlter settings for simultaneous detection of both VpVAN
(via FITC) and chloroplasts by chlorophyll auto-ﬂuorescence. Chlorophyll (Chl) auto-ﬂuorescence is shown in red indicating the localization of
chloroplasts. Re-diﬀerentiating chloroplast are observed in yellow as the Chl auto-ﬂuorescence is lower and phenyloplasts display no Chl autoﬂuorescence and appear green. Scale bars equal to 100 mm. epi, epicarp. Figure adapted from Gallage et al. 2018, Plant & Cell Physiology.121

Fig. 4
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a viscous liquid. This applies for a mixture of glucose : fructose : sucrose in a 1 : 1 : 1 molar ratio as known from honey
and for a mixture of glucose : tartaric acid in a 1 : 1 molar ratio
as found in raisins. Despite an almost complete removal of
water, raisins maintain a liquid phase due to formation of
intramolecular hydrogen bonds. This results in a high melting
point depression causing the solids to liquefy and, in many
cases, to remain uid at room temperature. NADES are excellent
solvents for water insoluble phytochemicals such as anthocyanins and avonoids133,134 and has therefore been used as green
solvents for decades in the chemical industry for chemical
synthesis and isolation of phytochemicals.
In respect to phytochemicals, the properties of NADES could
serve to extend plant plasticity; (i) NADES has almost no vapor
pressure and thus retains water during desiccation caused by
drought stress and heat waves; (ii) NADES are eminent solvents
for non-water-soluble phytochemicals and for macromolecules
like proteins, RNA, DNA and cell wall polymers; (iii) formation
of NADES could be driven by LLPS assisted by their high density
and viscosity, with a tailored composition to eﬀectively solubilize specic phytochemicals present in the cell type.133,135 A
recent study also used NADES to solubilize and extract vanillin
from cured vanilla pods.136 The curing process of vanilla pods
disrupts cell integrity resulting in b-glucosidase catalyzed
hydrolysis of the accumulated vanillin glucoside into the avor
molecule vanillin. The in vitro solubility of vanillin in NADES
composed of lactic acid : 1,2-propanediol at a 1 : 1 molar ratio
was 620 mg ml1 resembling the solubility in methanol (633 mg
ml1). For comparison the solubility of vanillin in water is
30 mg ml1.136 These observations support a function of NADES
as a potential native solvent inside the phenyloplasts enabling
accumulation of vanillin glucoside at 4 M (corresponding to
1800 mg ml1) concentrations without precipitation or crystallization in fresh vanilla pods.117,121 Interestingly, the extractability of vanillin from cured vanilla pods using NADES was
further improved by addition of 25–60% water. Upon addition
of water above 50% the NADES properties are gradually abolished.135 In vivo, diﬀerences in the water content in NADES
droplets could control the activity of enzymes co-localized with
their substrates in NADES137 and thus form an inert defense
micro-environment ready to burst as a result of tissue damage
and demixing.

4.2

Vacuolar microcompartments

The plant vacuole is a multifunctional compartment and a major
site for sequestration of general metabolites, proteins, ions, and
phytochemicals.138 Some of these biomolecules may be organized within sub-compartments assigned as inclusions. This
applies to some phenylpropanoid derived anthocyanins that
serve as ower pigments. Depending on both the plant species
and tissue, diﬀerent anthocyanins accumulate inside the
vacuole, either as soluble compounds or as dense droplets with
intense coloration termed anthocyanic vacuolar inclusions
(AVIs).139–141 The inclusions vary in size and structure depending
on the plant species, ranging from 0.5–15 mm in grapevine (Vitis
vinifera L.),142 3–6.5 mm in arabidopsis143 and to app. 11–15 mm in
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transgenic N. benthamiana.144 Vacuolar localization provides
protection from oxidation and increased solubility at low
pH.140,141 Formation of AVIs may involve vesicular traﬃcking,
vacuolar membrane transporter-mediated import and microautophagy of cytoplasmic anthocyanin condensates.139,143
However, factors controlling aggregation into the droplet-like
structures are currently not known. In vitro experiments simulating AVI formation demonstrated that high salt concentrations
and pH as well as aromatic acylation of the cyanidin-backbone
are key factors involved.144 At high ionic strength and pH above
4.5, coumaroylation of the 5-OH-position instead of glycosylation
was found to be especially important for intramolecular stacking
and condensation.144 In vivo, AVIs have been suggested to form
inside vesicles in the cytosol followed by fusion with the vacuole
similarly to the micro-autophagy model.144 A common denominator for the AVI formation models is that aromatic acylated
anthocyanins are able to pack tightly together in aggregates due
to intra- and inter-molecular associations145 and the high ionic
strength of NADES33,146 facilitates self-stacking of anthocyanin
molecules145 resulting in LLPS. Anthocyanins are easily extracted
from plant tissues in NADES and display increased stability
comparable to using acidied organic solvents.147 Similarly, in
sorghum the phytoalexin 3-deoxyanthocyanidins have been
shown to self-assemble through LLPS into dense cytosolic
droplets upon fungal attack.148 These droplets, starting at 1 mm in
size, fuse to form larger spherical inclusions of 20 mm that
destabilizes the plasma membrane in the infected zone to
combat infection.148 Further studies are needed to elucidate
factors promoting this cytosolic demixing. Interestingly, the
biosynthetic machinery of avonoid 3-deoxyanthocyanidins,
localized on the cytosolic side of the ER, is in close proximity to
the initiation of condensation similar to mammalian LLPS
composed of RNA and nuclear proteins in the nucleus.131,132 This
adds to the importance of ER dynamics and interactions between
cellular compartments12 and provides a synthetic biology tool-set
for production of specic phytochemicals.

4.3

ER-derived microcompartments

The ER is a highly dynamic compartment with many essential
roles including the formation of microcompartments such as
ER bodies (Fig. 5). These have diverse functions and appearances from small spherical inclusions with diameters of 0.2–1
mm to larger non-spherical structures with a size of 1 mm  10
mm as found in Brassica species.149,150 In the brassica plant
arabidopsis, ER bodies are constitutively found in seedlings and
roots of adult plants and only stress-inducible in rosette
leaves.151 Although several ER body mutants have been characterized, heterologous formation of ER bodies in non-ER body
forming plants like N. benthamiana has not been achieved.150 In
arabidopsis, the soluble NAI2 protein governs the specic
accumulation of the most abundant b-glucosidase PYK10 myrosinase required for ER body formation (Fig. 5). nai2 mutants
lack ER bodies in roots and seedlings resulting in uniform
distribution of PYK10 in the ER.151 NAI2 facilitates the recruitment of two structural membrane proteins termed membrane
of ER body, MEB1 and MEB2, that regulate the formation of ER
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ER-derived microcompartments, lipid droplets (LDs) and ER-bodies. Top panel: shows the model for lipid droplets sequestering
hydrophobic phytochemicals inspired by Laibach et al. 2015, Journal of Biotechnology.160 During biosynthesis, the hydrophobic phytochemical
such as natural rubber accumulate inside the ER membrane leaﬂet causing bud formation and release of LD conﬁned by an ER membrane
monolayer. Small LDs may fuse to larger LDs at the same time as continued biosynthesis may occur resulting in growth of LDs. Lower panel:
illustrates the development of ER-bodies in Arabidopsis thaliana in which the myrosinase PYK10 accumulates inside the ER lumen together with
the soluble protein NAI2. This results in bud formation and triggers the recruitment of the membrane proteins MEB1 and MEB2 that interacts with
NAI2, elongating the bud into the rod-shaped ER-body (1 mm 10 mm) highly enriched with PYK10 and other b-glucosidases. Confocal image of
ER-localized GFP (grey ER-network) in ER-bodies (white dilated ER cisternae) in Arabidopsis thaliana is adapted from Nakano et al. 2014, Frontiers
in Plant Science.150
Fig. 5

bodies and inclusion of PYK10. Interestingly, only NAI2 and
PYK10 are essential for ER body formation. The exact function
of PYK10 loaded ER bodies remains to be elucidated. However,
recently PYK10 was reported to hydrolyze indole glucosinolates
and to release toxic mustard oil.150,152 Indole glucosinolates are
biosynthesized at the ER cytosolic surface and functional
networks between the indole glucosinolate-specic biosynthesis enzyme CYP83B1 and several vesicle proteins have been
shown by protein–protein interaction studies.153 In addition,
PYK10 showed strong co-expression with genes encoding both
ER body proteins and indole glucosinolate biosynthetic
enzymes.152 We speculate that both indole glucosinolates and
their specic b-glucosidase PYK10 may be co-stored within ER
bodies. Reversible inactivation of PYK10 may be achieved by
controlling the pH inside ER bodies.152 This provides an excellent two-component defense system for release of mustard oil
upon disruption of the ER body. In addition to glucosinolates in
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Brassica species, cyanogenic glucoside catabolism appears to be
organized in a similar fashion. Cytosolic droplets or protein
bodies (app. 1–3 mm) containing specic b-glucosidase activity
have been observed in bitter almonds (Prunus dulcis),154,155
mature seeds of black cherry (Prunus serotina)156 and plums
(Prunus domestica).157 Indeed, the combination of ER bodies and
NADES pose an intriguing approach for storage of high
concentrations of phytochemical defense compounds and their
activating enzymes in an inert environment. However, it
remains to be determined whether the cyanogenic glucosides
are co-stored with their activating enzymes in these ER body like
droplets.
Lipid droplets (LDs) are other ER-derived inclusions found
throughout the plant kingdom including liverworts and higher
plants.158,159 In higher plants, LDs can be divided into two types
depending on their structural proteins: oleosin-based lipid
droplets (OLDs) and non-oleosin-based lipid droplets (NOLDs).
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OLDs storing triglycerides and predominantly found in seeds
serving as energy reserves during germination. The NOLDs are
found in other tissues such as leaves and roots are 8–30 mm in
size depending on the plant species and may serve as a storage
site of lipophilic phytochemicals used for defense.159,160 Rubber
particles are the best characterized NOLDs that contain natural
rubber, high molecular weight polymers of cis-1,4-isoprene
units, in laticifer cells of certain plants such as the rubber tree
(Hevea brasiliensis), dandelion (Taraxacum Brevicorniculatum)
and lettuce (Lactuca sativa). Rubber particles are formed by ERanchored rubber synthesizing protein complexes depositing
rubber polymers inside the ER leaet (Fig. 5). Budding of the ER
membrane leads to formation of rubber particle surrounded by
an ER-derived lipid monolayer. The synthesis continues aer
particle formation resulting in diﬀerent sizes of the rubber
particles.160 Recent studies in dandelions identied Small
Rubber Particle Proteins (SRPPs) belonging to the REF (rubber
elongation factors) protein superfamily as important factors for
initiation and stabilization of rubber particles.160–162 The SRPPs,
like REFs interacts with the biosynthetic complex on the surface
of the rubber particles. Heterologous expression in arabidopsis
demonstrated that diﬀerent SRPP isoforms displayed specic
protein interactions, lipid preference, expression patterns and
responses to abiotic stress providing heat and drought tolerance.161 Hence, lipid droplet associated proteins facilitate
metabolic plasticity in response to environmental challenges. In
non-rubber producing plants, SRPP-like proteins are known as
Lipid Droplet Associated Proteins (LDAPs) involved in LD
formation for storage of fatty acids in seeds.163,164 In arabidopsis, these LDs are turned into micro-factories of the phytoalexin 2-hydroxyoctadecatrienoic acid upon fungal attack.165,166
In contrast to higher plants, LDs in liverworts (size 1–30
mm) are reported to play a unique role as dynamic microcompartments for both energy storage and sequestration of
phytochemicals, mainly sesqui- and diterpenoids.158,167 Characterization of these terpenoids, many of which are unique to
liverworts, will shed new light on the enormous diversity and
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specialization of phytochemicals during plant evolution.
Recent, a comparison of putative di-, sesqui- and monoterpene synthases from the liverwort Marchantia polymorpha
with those known from higher plants showed that liverwort
genes encoding mono- and sesquiterpene synthases resembles those found in fungi more than those found in higher
plants.168 These terpene synthases lack some of the conserved
motifs present in those from higher plants. This may explain
the unique terpenoid metabolite prole of liverworts and
oﬀers an experimental system to study the evolution and
diversication of terpenoids and the plasticity of plant
specialized metabolism in general. This includes the formation of LDs as micro-compartments for storage of terpenoids.
Terpenoids from higher plants attract much attention based
on their importance as drugs or drug leads.169 This includes
the diterpenoid forskolin that is biosynthesized and stored in
LDs (5–9 mm in size) in the root cortex of Coleus
forskohlii.95,170 Little is known about the biogenesis of LDs and
the mechanisms controlling their formation and stability.
Characterization of key factors regulating their formation
will provide an additional synthetic biology tool-set for
heterologous production of lipophilic and volatile high value
phytochemicals.
Other terpenoids may also be stored in the roots although
without forming lipid droplets. This is observed in Tripterygium
species producing the triterpenoid triptolide and the diterpenoid celastrol.171 Celastrol accumulates in high amounts in the
periderm of the root and colors the root tissue orange. Using
MALDI-imaging and microscopy, co-localization of celastrol
and suberized cells was observed suggesting the cell wall as the
site of storage due to its lipophilic nature.
Finally, extracellular glands pose an eﬃcient approach for
storage of phytochemicals, such as glandular trichomes
encapsulating the terpenoid-containing essential oils found in
many herbs.172 In the Eucalyptus genus, the leaves contain
numerous embedded glands (50–120 mm in size) that are
extracellular compartments for storage of large amounts of

Fig. 6 Size distribution of components, modules and compartments involved in phytochemical metabolism and storage. Sizes range from 2 nm
for a single phospholipid, the main component of biological membranes, to 120 mm for an embedded gland surrounded by multiple cells. The
geometrical dimensions shown are in some cases somewhat arbitrary, e.g. because a gene sequence may be in a supercoiled conﬁguration or in
an open conﬁguration as when transcribed.
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volatile mono- and sesquiterpenoids173,174 (Fig. 6). A barrier of
oleuropeyl glucose esters connes the mono- and sesquiterpenoids inside the extracellular glands resulting in safe storage of
potentially reactive oils.173,174

5 Conﬁned biosynthesis and storage
as an eminent synthetic biology
toolbox
Synthetic biology is a new paradigm that applies advanced engineering principles to the fundamental components of biology
based on functional integration of Nature's building blocks in
new combinations.175 Connement of biosynthetic modules in
enzyme complexes, or in subcellular compartments is an eﬃcient
way to orchestrate the metabolic grid in plants. However, the
complexity of regulatory networks still poses a challenge for the
successful exploitation of these strategies in planta. Within
synthetic biology, specic modules may be transferred from one
organism to another and thereby mimicking Natures' rational
design to improve the production of specic compounds. The
modularity of biological systems provides an endless toolbox for
engineering optimized or entirely new biological systems.92,176–178
This involves programmable metabolons using synthetic scaﬀold
proteins, engineering proteinaceous compartments and extended
use of existing compartments. Here we highlight a few recent
synthetic biology applications and perspectives in engineering
cellular organization, dynamics and compartmentalization to
produce and store phytochemicals.
5.1

The plant plasticity toolbox

The physiology and biochemistry of plants is highly complex
and sophisticated at all levels and is constantly being optimized
and shaped by evolution. Consequently, the biosynthesis,
transport and storage of phytochemicals in a plant cell is not
parsimonious in construction, containing an abundance of
linear and non-linear feedback regulations and many diﬀerent
information processing modules to orchestrate dynamic
responses and robust solutions to a sessile life style. To prot
from their ability to biosynthesize a plethora of phytochemicals,
the correct interplay at many diﬀerent cellular levels and
between many diﬀerent modules is essential. Dissection of
these dynamic and complex functional networks into the basic
functions of the individual modules involved is a challenge. The
continued advances in research within this area will provide
access to an unprecedented library of synthetic biology modules
ranging from small molecules to complex ordered aggregations
of specic cell types varying in geometrical sizes from around
a few nm to the 100 mm range (Fig. 6).
Biosynthesis of phytochemicals is initially organized at the
genomic level. A gene cluster encoding an entire biosynthetic
pathway in a fully packed chromosome, may only extend chromosome length by 5.5–10.5 nm.73,76,179 Single genes as well as
clusters may thus be used as functional modules. The geometrical size of a P450 enzyme is roughly 5 nm, but when assembled
in metabolons is estimated to be roughly 15 nm based on the
combination of P450s and POR.6 Cyanobacteria produce
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proteinaceous compartments, such as the carboxysomes, which
are icosahedral structures surrounded by a protein shell with
geometrical sizes of 100–200 nm.180,181 The geometrical dimensions of two of the canonical membrane conned compartments in the plant cell, the proplastids and chloroplasts, are
roughly 1 and 10 mm, respectively.82 The geometrical sizes of the
more deformative inclusions are more variable e.g. 0.5–15 mm
for anthocyanic vacuolar inclusions (AVIs),142–144 1–10 mm for ER
bodies,149,150 1–30 mm for lipid droplets158,159,170 and 50–120 mm
for tissue embedded glands encapsulated by several cells.173,174
Finally, photosynthetic cells as light-driven carbon dioxide
utilizing production entities for production of phytochemicals
such as cyanobacteria and plant cells vary in sizes from 0.5–40
mm182 and 10–100 mm, respectively.

5.2 Engineering modules for production and storage of
phytochemicals
At the cellular level, optimal connement of enzymes serves to
increase their specicity, stimulate ux and prevent undesired
metabolic crosstalk. Use of synthetic scaﬀold proteins oﬀers the
opportunity to mimic the formation of metabolons by
programmable assembly of desired stoichiometric ratios of
enzymes catalyzing consecutive steps in a biosynthetic pathway
in to facilitate eﬃcient substrate channeling.183,184 Scaﬀold
proteins play a key role in signaling pathways for specic activation of downstream eﬀectors, where enzymes are tethered to
the scaﬀold through highly specic PDZ domains with nM
aﬃnity.185 This approach has been used to engineer the native
yeast mitogen-activated protein kinase (MAPK) cascade by
altering the binding sites of the Ste5 scaﬀold protein resulting
in an adjustable response circuit186 which may nd general use
in improving substrate channeling for production of specialized
metabolites. In 2009, the core enzymes of the yeast mevalonate
pathway (AtoB, HMGS and HMGR) were tethered to a synthetic
scaﬀold protein with three distinct docking sites using E. coli as
the heterologous host. The option to control the stoichiometry
between the individual enzymes tethered to the scaﬀold protein
oﬀered a 77-fold increase in mevalonate production compared
to untethered proteins. A similar programmable platform was
used for the production of resveratrol in yeast by coupling the
4-CL enzyme to a stilbene synthase reaching a 5-fold increase in
production.187 Scaﬀold proteins may also be used to facilitate
the production of new-to-nature compounds.
Biosynthesis of phytochemicals is highly complex, as
described in this review, and therefore requires sophisticated
approaches to achieve high yield production in heterologous
hosts. Elucidation of key factors stimulating assembly of
biosynthetic pathways for production of phytochemical pathways into metabolons may enable rational design of metabolons
with enhanced stability and facilitate incorporation of other
enzymes for channeled production of new metabolites. The
newly discovered MSPB scaﬀold protein involved in phenylpropanoid biosynthesis60 provides one of the rst characterized
scaﬀold proteins involved in biosynthesis of phytochemicals and
a valuable future tool for more eﬃcient production of phenylpropanoid derived compounds. A key question remains on the
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role of the lipid bilayer composition on formation of metabolons. This may pose a key challenge when transferring entire
multienzyme pathways containing membrane-bound members
from one organism to another and possibly require engineering
of the lipid composition to facilitate a perfect biosynthetic
environment.
In some cases, the production of desired target compounds
requires a more stringent intracellular organization where both
enzymes and substrates are concentrated. In recent years, some
research has focused on engineering minimal cells or protocells,
synthetic compartments and vesicles to exploit these systems as
micro-factories for production of chemicals.188 Metabolic engineering of intracellular compartments for biosynthesis and
storage of phytochemicals may assist in preventing unwanted
metabolic cross talk and competition for resources with native
endogenous pathways.97,188,189 Metabolic compartmentalization
may also serve to sequester and store otherwise toxic intermediates.5,190 This may be achieved by encapsulation of entire
biosynthetic pathways in membrane-bound or proteinaceous
compartments. Targeting of the biosynthetic enzymes for
production of the sesquiterpenoid valencene from Citrus sinensis
to the yeast mitochondria resulted in titers with an 8-fold
increase in valencene production.191 Bacterial proteinaceous
compartments provide a key synthetic biology tool for introducing synthetic compartments in heterologous hosts.192 This
enables complete control of the cargo with limited inherent
control from the host organism. Carboxysomes are present in
cyanobacteria and function as a CO2 xing compartment where
both CO2 and ribulose-1,5-bisphosphate carboxylase/oxygenase
(RuBisCO) are concentrated. This is important because
RuBisCO requires high concentrations of substrate for eﬃcient
turnover. Expression in E. coli of the ten genes encoding the
constituents of the carboxysome, including various shell
proteins, RuBisCO and carbonic anhydrase, resulted in formation of icosahedral structures that were able to x CO2.193 This
demonstrates the modularity of biological compartments, which
is a central part of the synthetic biology vision.
Inspired by Nature and especially the dynamics of plant
metabolism and strategies for biosynthesis and storage of
complex phytochemicals including LLPS and formation of
micro-compartments enables a more eﬃcient production in
heterologous hosts. For example, a 2-fold increase in ethyl
acetate production in yeast was achieved by sequestering lipophilic phytochemicals into LD through the design of LDanchored metabolons using synthetic protein scaﬀolds
composed of plant oleosins and cohesin-dockerin proteins.194
In an alternative approach, chloroplast LDs were engineered to
accumulate the high value triterpene squalene, the precursor of
both more complex hydroxylated triterpenoids and plant
sterols.195 The synthetic LDs were made by expression of the
oleosin core structure fused with an N-terminal chloroplast
targeting peptide and overexpression of the enzymes farnesyl
diphosphate synthase and squalene synthase in Nicotiana
tobacum, yielding 2.6 mg squalene per gram fresh weight with
no inuence on plant tness.195 Such strategies could prove
useful for production of terpenoids in plastids e.g. chromoplasts, which contain specialized LDs, the plastoglobules, or the
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lipid droplets inside elaioplasts to biosynthesize and accumulate desired high value terpenoids.97
5.3

A bright green future of synthetic biology

Production of phytochemicals in photosynthetic organisms
including higher plants are challenging due to their complexity
compared to unicellular production hosts e.g. Saccharomyces cerevisiae and E. coli. Realization of the full potential of photosynthetic organisms as heterologous hosts for eﬀective, light driven
carbon dioxide-based production of selected target molecules
requires a detailed understanding of their complexity at the
organismal level. The downstream challenges currently encountered with respect to purication of a compound of interest from
a large complex mixture of diﬀerent molecules with similar
structures and physicochemical properties, may within the next
three decades be turned into the advantage of having available
photosynthetic cell based production systems producing large
quantities of almost any desired compound. The plasticity of
photosynthetic organisms as observed in Nature is then
embedded in more specialized uses as environmental benign
factories and storehouses of valuable phytochemicals, the
formation of which is catalyzed by channeled pathways to avoid
undesired metabolic cross-talk. The products formed will be targeted to specic cell types or storage compartments to make
isolation easy.97,192,196 In parallel with the development of photosynthesis based production systems discussed above, research
eﬀorts will be directed towards further improvements of the less
complex organisms such as fungal and bacterial hosts currently
used for production of phytochemicals at industrial scale.177,197,198
In the long term, the inherent ability of photosynthetic organisms
to produce a plethora of phytochemicals may be a decisive
advantage with respect to establishing robust, eﬃcient and environmentally benign production systems. In this context, advances
in the development of technological platforms for characterization of subcellular structures with sub-nanometer resolution oﬀer
new opportunities for the specic production of known and newto-nature phytochemicals in conned compartments using targeted synthetic biology approaches.
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